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“In conclusion, it appears that nothing can be more important to a young naturalist, 

than a journey in distant countries.” 

 

- A quote from Charles Darwin in Voyage of the Beagle. This thesis does not 

reflect how incredibly lucky I have been to have travelled around the Arctic as 

a part of my PhD. I have visited places I otherwise would not have and I have 

collected some unforgettable memories that I share with a few incredible 

people.   
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Abstract 
 

Global climate change, and in particular, global warming is currently one of the 

greatest threats to freshwater biodiversity. The microbial diversity within freshwaters 

is phylogenetically and functionally diverse. Yet, the impacts of warming on these 

complex communities are largely unknown. To date, the vast majority of research 

ignores the complexity of natural systems, instead, exploring freshwater microbial 

responses to warming under simplified, undisturbed conditions. I, therefore, assess 

the impacts of warming on freshwater microbial communities using a range of 

methodological approaches (field surveys, field experiments and laboratory 

experiments), while considering other factors which could simultaneously affect 

freshwater microbial communities, and thus, their responses to warming. To begin, I 

show that microbial communities from different freshwater microhabitats respond 

differently to warming. Therefore, to gain a better understanding of the impacts of 

warming on a given system, microbial communities from multiple microhabitats 

should be profiled. Next, I studied the impacts of warming on assembling freshwater 

biofilms across a catchment gradient. I discover that microbial community responses 

to warming were different in streams located within impacted catchments, compared 

with microbial communities from unimpacted catchments. Finally, I demonstrate that 

temperature is a weak environmental filter in the absence of a predator, thus, 

highlighting the importance of the indirect effects of warming in shaping bacterial 

communities. I conclude that both the biotic and abiotic variables present in 

freshwater systems can alter the effects of warming on microbial communities. 

Therefore, predictions might under- or over-estimate the impacts of warming on 

freshwater microbial communities if other biotic or abiotic variables present in the 

system are overlooked. 
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Chapter 1 

Introduction  

 

1.1 | The impact of global climate change on freshwater ecosystems 

Global climate change is affecting the majority of ecosystems on Earth and is 

currently the most prominent threat to global biodiversity and ecosystem functioning 

(IPCC, 2014), encompassing a multitude of stressors (e.g. warming, atmospheric 

CO2 change, increased frequency of extreme events). Of these climate change 

stressors, much attention has been given to the impacts of warming as temperature 

has direct effects on biological rates and traits (Dell et al., 2011), in addition to 

governing ecosystem respiration and biogeochemical cycles (Yvon-Durocher et al., 

2010; Yvon-Durocher et al., 2012), arguably making it the most important aspect of 

climate change. Over the previous century (1880-2012), average global surface 

temperatures have increased by 0.85°C and this is expected to further increase by 

between 0.3 to 4.8°C (relative to 1980-2005 and dependant on the prediction 

scenario), by the end of the century (IPCC, 2014). The projected increase in global 

surface temperatures is not, however, predicted to be universal across the globe 

(IPCC, 2014). High latitudes (e.g. the Arctic) will be disproportionately affected, 

experiencing some of the fastest rates of warming (IPCC, 2014). Of Earth’s 

ecosystems, freshwaters are particularly vulnerable to climate change as water 

temperature and availability are climate-driven (Blöschl et al., 2019), and despite 

covering just 0.8% of the Earth’s surface, they account for approximately 6% of all 

global biodiversity (Dudgeon et al., 2006). Since freshwaters, and in particular 

running waters, are located within terrestrial landscapes, they are often also impacted 

by other anthropogenic stressors (e.g. nutrient enrichment, habitat modification and 

heavy metals; Søndergaard and Jeppesen, 2007; Hogsden and Harding, 2013). 
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Climate change combined with these additional anthropogenic stressors is likely to 

greatly impact freshwater biodiversity (e.g. Romero et al., 2018).  

Arguably, the most overlooked component of freshwater biodiversity are the 

microorganisms. Despite their small size, microorganisms drive many of the Earth’s 

biogeochemical cycles, form the basis of freshwater food webs, and are extremely 

phylogenetically and functionally diverse (Falkowski et al., 2008; Huertas et al., 

2011). In running waters, biofilms constitute the greatest abundance of microbial life 

(Geesey et al., 1978), comprised of a collection of microorganisms (bacteria, 

protozoa, archaea, fungi, viruses and microbial metazoans), held together in a matrix 

of extracellular polymeric substances (EPS; Lock, 1993; Battin et al., 2007). The EPS 

is composed primarily of polysaccharides (up to 90%; Underwood et al., 2010), but it 

also contains extracellular enzymes, glycoproteins, lipids, nucleic acids and proteins 

(Hoagland et al., 1993; Hofmann et al., 2009; Rabin et al., 2015). Almost all free-

living bacteria are capable of forming a biofilm and undergo both chemical and 

physiological changes when moving from a free-swimming planktonic stage to a 

biofilm (Flemming et al., 2016). For example, bacteria produce pili and curli fibres, 

which they use to anchor onto surfaces (Tuson and Weibel, 2013). There are 5 stages 

to biofilm formation (Fig. 1.1; Stoodley et al., 2002): (1) attachment to surface, which 

is driven by environmental stimuli, such as stressful conditions (e.g. shear stress, low 

nutrients), or to remain in a favourable niche (Jefferson, 2004) (2) formation of a 

monolayer and the production of the polysaccharide matrix, (3) growth (4) mature 

biofilm, (5) detachment through the following mechanisms; erosion (by continuous 

removal of biomass), sloughing (the removal of intact pieces of the biofilm or the 

entire biofilm) and dispersal (cells disperse into the water column via a disruption in 

the biofilm; Petrova and Sauer, 2016). While the detachment mechanisms, erosion 

and sloughing, can be passive or active (Petrova and Sauer, 2016), dispersal is 

always an active process (Kaplan, 2010) which can be triggered by quorum sensing 
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(a cell-cell communication mechanism), the enzymatic breakdown of the biofilm 

matrix, production of surfactants and changes in nutrient availability (Boyd and 

Chakrabarty, 1994; Hunt et al., 2004). During detachment, cells undergo a second 

physiological transition from sessile back to planktonic, through the altering of gene 

expression (Berlanga and Guerrero, 2016).  

Within freshwater ecosystems, biofilms are capable of forming on any surface (e.g. 

on sediments, rocks, plants, dead wood; Romani, 2010). In streams and shallow 

rivers, epipsammic (growing on sediment) and epilithic (growing on rocks) biofilms 

are common as sunlight is not limited (Romero et al., 2019). The microbial 

communities can differ greatly between epilithic and epipsammic biofilms due to the 

environmental differences in the microhabitats they inhabit (Timoner et al., 2014). 

Generally, epilithic biofilms are dominated by primary producers (algae and 

cyanobacteria), and epipsammic biofilms are dominated by heterotrophic bacteria, 

playing important roles in the decomposition of organic matter (Romaní and Sabater, 

2000). Regardless of the substrate type, biofilms follow the same successional 

dynamics. Biofilm community succession begins with  the random, stochastic arrival 

of cells from the water column (Lyautey et al., 2005).  As such, diversity rapidly 

increases in the initial stages of biofilm colonisation (Jackson et al., 2001). Next, 

biomass increases and deterministic pressures such as competitive exclusion reduce 

diversity (Veach et al., 2016). However, as the biofilms reach maturity, the 

environment becomes physically and chemically complex, allowing multiple niches 

to exist spatially, increasing diversity (Lyautey et al., 2005; Besemer et al., 2007; 

Veach et al., 2016).  

Given the microbial diversity found within biofilms and the key roles they play in 

biogeochemical cycling (Battin et al., 2016), it is surprising that stream biofilm studies 

have only become prominent in the literature over the previous two decades 

(Stoodley et al., 2002; Besemer et al., 2009; Myrstener et al., 2018). Additionally, few 
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of these studies have sought to understand the effects of climate change on biofilm 

communities (but see Villanueva et al., 2011; Romero et al., 2019). Therefore, to gain 

in-depth knowledge on the impacts of climate change on freshwater microbial 

communities, there is a need for better integration of biofilm research into the wider 

fields of freshwater ecology and climate change research.   

 

Fig. 1.1 The formation of a freshwater biofilm. Grey cells indicate bacteria which are 

the first colonisers and green cells indicate algae. Initially, environmental stimuli such 

as stressful conditions (e.g. shear stress or low nutrients) or a favourable niche space 

induces chemical and physiological changes in planktonic bacteria, leading them to 

attach to a surface (using pili or curli fibres). Next, the extracellular polymeric matrix 

is produced, forming a protective layer around the bacterial cells. The extracellular 

polymeric matrix is comprised mostly of polysaccharides but glycoproteins, nucleic 

acids, extracellular enzymes, lipids and proteins are also present. As the biofilm 

grows there is colonisation of other microorganisms (e.g. algae, protozoa, archaea, 

fungi, microbial metazoans and viruses). Once the biofilm reaches maturity, cells 

detach from the biofilm back into the water column via erosion (continuous removal 
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of biomass), sloughing (removal of intact piece of the biofilm) or dispersion (active 

detachment through a disruption in the biofilm). 

1.2 | Processes determining microbial community composition 

Despite the importance of microbial communities to freshwater ecosystem 

functioning and global biogeochemical cycles, we know surprisingly little about the 

microbial diversity driving these functions (Zeglin, 2015). Furthermore, understanding 

the patterns and processes shaping this microbial diversity is one of the greatest 

challenges in microbial ecology as they occur on both local and regional scales, 

making it difficult to determine the importance each process has on microbial 

community assembly (Lindström and Langenheder, 2012).  

Traditionally, community ecology was based around mechanisms influencing 

community structure, diversity and composition that could be explained by niche 

theory (Hutchinson, 1961). Niche theory suggests that each of the species within a 

community has different resource requirements and environmental preferences 

(Vandermeer, 1972). By contrast, neutral theory as presented by Hubbell, (2001) 

states that all species within a trophic level are ecologically identical. Therefore, any 

patterns that arise from neutral theory are a result of stochastic birth and death rates 

and random dispersal of species into and out of the community (Hubbell, 2001; 

Chase and Myers, 2011; Nemergut et al., 2013). Although many studies aim to 

assess the importance of stochastic relative to deterministic processes (e.g. 

environmental variables and competition; Paine, 1984; Dumbrell et al., 2010; Wang 

et al., 2013), neutral theory is arguably best applied as a null model, in which we can 

determine the effect size of deterministic processes on microbial communities 

(Rosindell et al., 2012). 

Off of the back of the niche and neutral theories, a more recent approach considers 

microbial community assembly as being shaped by four processes, drift, dispersal, 
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speciation and selection (Vellend, 2010; Hanson et al., 2012; Nemergut et al., 2013). 

Under this approach, each of the four processes contributes to microbial assembly 

patterns, although the relative importance of each process can differ between 

environments (Stegen et al., 2012). Drift is described as stochastic changes in 

species abundances, dispersal as the movement of species, diversification as the 

generation of genetic variation, eventually leading to speciation, and finally, selection 

is imposed by deterministic forces imposing fitness constraints (Vellend, 2010).  

1.2.1 | The selective effect of temperature on microbial communities 

Environmental selection, synonymous with ‘environmental-filtering’ or ‘species-

sorting’ is a deterministic process preventing the establishment or persistence of 

species that do not exhibit particular traits (Kraft et al., 2015). Temperature is a strong 

environmental filter as it governs the “pace of life”, determining physiological traits 

such as metabolic, feeding and growth rates, among many others (Brown et al., 2004; 

Savage et al., 2004). Thus, temperature is one of the most prominent abiotic factors 

altering the abundance and distribution of organisms (Schulte et al., 2011). Taxa 

within microbial communities should, therefore, be distributed according to their 

thermal optima, with lower relative abundances observed within a community as 

temperature deviates away from the optimum temperature (Sieburth, 1967). 

Identifying thermal optimum is achieved through the construction of thermal 

performance curves (TPCs; Angilletta, 2009). Typically, TPCs of most biological traits 

exhibit a left-skewed unimodal shape (Schulte et al., 2011) and are characterised by: 

(1) the thermal optimum (Topt; the temperature that the performance of a given 

biological trait is maximised); (2) the critical thermal minimum (CTmin; the minimum 

temperature at which a biological trait can be performed); (3) the critical thermal 

maximum (CTmax; the maximum temperature at which a biological trait can be 

performed); (4) the tolerance range (the range of temperatures the biological trait can 

be performed over; Krenek et al., 2011) (Fig. 1.2). The gradual rise of a TPC is 



Chapter 1 
 

18 
 

characterised by the thermodynamic effects of temperature on reaction rates (i.e. 

enzymatic reaction rates increase with temperature; Araújo et al., 2013). Past the 

Topt, performance of the biological trait sharply declines due to metabolic mechanisms 

such as, the denaturing of proteins or in aquatic systems, the reduction in oxygen 

solubility (Dell et al., 2014). The range of temperatures between the critical thermal 

limits varies across taxa, whereby thermal specialists perform a given biological trait 

over a narrow range of temperatures when compared to thermal generalists (Huey 

and Kingsolver, 2019). However, performance at the Topt is often higher in thermal 

specialists, indicating a trade-off between tolerance range and the performance of a 

given biological trait (Gilchrist, 1995). 

 

Fig. 1.2 A standardised thermal performance curve showing the relationship between 

biological traits and temperature. The important features of the TPC are labelled on 

the figure. The thermal optimum (Topt) is the temperature at which the biological trait 

is maximised. The critical thermal limits (CTmin and CTmax) indicate the minimum and 

maximum temperature the biological trait can be performed and the tolerance range 

indicates the thermal range a given biological trait can be performed over. Sustained 
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temperatures below or above the critical thermal limits are likely to be lethal to 

organisms due to starvation at colder temperatures or the irreversible denaturing of 

enzymes at high temperatures. 

Despite the physiological constraints on biological traits, microbial life occurs over a 

large thermal range, with bacterial growth recorded at temperatures as low as -15°C 

(Planococcus halocryophilus; Mykytczuk et al., 2016) and as high as 100°C 

(Geothermobacterium ferrireducens; Kashefi et al., 2002). In comparison, micro-

eukaryotes are known to have a comparatively lower thermal limit to life (Rothschild 

and Mancinelli, 2001), while the growth of some archaeal species occurs beyond 

100°C (e.g. Methanopyrus kandleri has been recorded at 122°C; Takai et al., 2008). 

To cope with low temperatures, psychrophiles (microorganisms adapted to low 

temperatures) often have a lower proportion of branched chain lipids and a higher 

proportion of unsaturated fatty acids compared to species adapted to moderate 

(mesophile) and high temperatures (thermophile; Nedwell, 1999). A greater 

proportion of unsaturated fatty acids maintains some of the membranes fluidity, thus, 

allowing for the uptake of essential nutrients from the environment (Inouye and 

Phadtare, 2004). Additionally, temperatures approaching the critical thermal limits of 

taxa can invoke a “stress response” in which cold shock proteins (Csps) or heat shock 

proteins (Hsps) are produced (Feder and Hofmann, 1999; Vorob’eva, 2004). Csps 

such as desaturase enzymes have been shown to play a role in modifying the 

composition and structure of the cell membrane at cold temperatures (Russell, 1990). 

In response to warm temperatures approaching the CTmax, Hsps are produced. These 

proteins act as molecular chaperones, protecting proteins from misfolding and 

preserving the intracellular signalling pathways, which are essential for cell survival 

(Dubrez et al., 2019). 

Individual and population responses to warming (as measured by TPCs) can give an 

indication for which taxa will flourish under different climate warming scenarios (Fey 
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and Cottingham, 2012). However, adaptation should also be considered when 

measuring the thermal sensitivity of microbial taxa (Krenek et al., 2012), in addition 

to the other abiotic and biotic factors shaping microbial community composition (e.g. 

nutrient availability and species interactions). To date, there is limited knowledge on 

microbial community compositions in freshwater environments (Zinger et al., 2012). 

Fewer studies have assessed the impact of warming on freshwater microbial 

community diversity and composition. A substantial amount of research, however, 

has assessed the effects of temperature on microbial community diversity and 

composition in terrestrial systems (e.g. Zogg et al., 1997; Schindlbacher et al., 2011; 

Sheik et al., 2011; Guo et al., 2018), possibly due to the relative ease of manipulating 

soil temperatures in comparison to large bodies of water. A study by Oliverio et al. 

(2017) identified the soil bacterial taxa which are sensitive to warming, and they 

suggest these taxa could be used as bioindicators to determine when soil 

communities are responding directly to warming. A comprehensive study identifying 

the bacterial and microbial eukaryote taxa sensitive to warming is currently missing 

from freshwater ecosystems, however, some general trends emerge from the 

literature. At the global scale, mean annual temperatures positively correlate with 

species richness (Zhou et al., 2016). Latitudes with higher mean annual temperatures 

(i.e. at the equator) have been predicted to experience a faster rate of diversification 

as high growth rates are associated with increasing temperatures (Christoffersen et 

al., 2006; Villanueva et al., 2011; Shurin et al., 2012; Özen et al., 2013), in turn, 

increasing the chance of beneficial mutations (Rohde, 1992; Allen et al., 2002). As 

such, over long periods of warming, microbial species richness is expected to 

increase (e.g. Capo et al., 2017). Conversely, microbial species richness does not 

often vary as a result of experimental warming in laboratory and field experiments 

(Piggott et al., 2015; Ren et al., 2017). This is possibly due to the highly controlled 

conditions (i.e. lack of dispersal into and out of microcosms) and the relatively short 

time they are run for, thereby, diversification is not observed. On the other hand, 
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microbial community composition appears to respond quickly to short-term changes 

in temperature, often increasing β-diversity (Woodhouse et al., 2016; Butler et al., 

2019; Obertegger et al., 2019).  

The impacts of warming on freshwater phytoplankton communities have been well 

studied in lentic pelagic waters (De Senerpont Domis et al., 2007; Huertas et al., 

2011; Verbeek et al., 2018). Phytoplankton responses to warming are largely driven 

by cyanobacterial dominance in warmer waters (Kosten et al., 2012). Green algae 

abundances also increase in warm waters, while, diatoms typically favour colder 

temperatures (Vermaat and Hootsmans, 1994; Reynolds, 2006; Allan and Castillo, 

2007). Increases in the abundance of cyanobacteria with temperature have also been 

observed in lotic biofilm communities (Villanueva et al., 2011), possibly indicating a 

general response of microalgae to warming.  

1.3 | The effects of warming on microbial communities in impacted 

ecosystems 

The vast majority of Earth’s ecosystems are to some degree affected by multiple 

anthropogenic stressors (IPCC, 2014). As aforementioned, freshwater ecosystems 

are particularly vulnerable to anthropogenic pressures (Woodward et al., 2010), thus, 

there are few unaffected freshwaters left on Earth (Dudgeon et al., 2006). However, 

many climate change studies on freshwater microbial communities are conducted on 

“pristine” systems, for example, under controlled laboratory conditions using mock 

assembled communities (e.g. Petchey et al., 1999; Jiang and Morin, 2004; Gibbs and 

Jiang, 2017). Results from these studies may not align with patterns and processes 

observed in natural environments, as they potentially miss antagonistic (less than the 

sum of the single effects) or synergistic (greater than the sum of the single effects) 

interactions between warming and any secondary stressors already present in 

natural systems. Alongside climate warming, the most pressing anthropogenic 
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stressor affecting freshwaters is land use change (Sala et al., 2000). Alterations of 

natural catchment land use into agricultural, urbanised and industrial land often leads 

to the eutrophication of freshwaters (Weijters et al., 2009). In large part, this is due to 

the addition of washing detergents, sewage and agricultural fertilisers in surface 

runoff (Withers et al., 2014; Verbeek et al., 2018). As such, many of Earth’s 

freshwaters are degraded ecosystems which will be put under further stress from 

climate warming. Therefore, consideration must be given to the potential impact the 

interaction between warming and nutrient enrichment (as a by-product of land use 

change) will have in shaping freshwater microbial communities.  

The majority of research to date has aimed to understand the role of both temperature 

and nutrient enrichment in isolation, while less is known about how these stressors 

might interact to impact freshwater microbial communities and their processes (Cross 

et al., 2015). In the past decade, ecologists have begun to explore how temperature 

and nutrients interact and what their ecological impact might be (e.g. Kratina et al., 

2012; Özen et al., 2013; Cross et al., 2015; Verbeek et al., 2018). Generally, 

ecologists have found that warming and nutrient enrichment resulted in additive 

(Jackson et al., 2016) or non-additive synergistic effects on freshwaters biota (Folt et 

al., 1999; Piggott et al., 2015b). The interactive effect of warming and nutrient 

enrichment on microbial freshwater communities remains largely unexplored. Most 

studies have measured microbial abundances and biomass but not diversity patterns 

(Shurin et al., 2012; Özen et al., 2013; Romero et al., 2019). The majority of these 

studies found that the interaction between warming and nutrient enrichment 

increases the growth of bacteria (Christoffersen et al., 2006; Shurin et al., 2012; Özen 

et al., 2013) and the biomass of algae (de Senerpont Domis et al., 2007; Verbeek et 

al., 2018) in freshwaters. The few studies which have measured freshwater microbial 

diversity have found that the interaction between warming and nutrient enrichment 

increases β-diversity of freshwater bacterial communities, however, there is little 
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evidence that species richness is affected (Piggott et al., 2015; Ren et al., 2017). The 

increases in β-diversity of bacterial communities were attributed to an increase in the 

relative importance of stochastic processes in the study by Ren et al. (2017). Much 

of the research on the interactive effects of warming and nutrient enrichment has 

been conducted on lentic freshwater bodies (Feuchtmayr et al., 2009; Ren et al., 

2017). While the same processes are likely to shape microbial responses to warming 

and nutrient enrichment, they remain to be comprehensively tested in running waters.  

Finally, freshwaters in the majority of western countries have experienced 

eutrophication since the late 1970s (Pomati et al., 2012). In response, lake restoration 

projects were initiated. In some freshwaters, reductions in nutrient enrichment have 

coincided with climate warming (Jeppesen et al., 2005). A field survey conducted by 

Pomati et al. (2012) measured the combined impacts of re-oligotrophication and 

warming, finding that they increased spatial (depth) heterogeneity, therefore, creating 

new niches and increasing phytoplankton species richness. Furthermore, a 

mesocosm study by Verbeek et al. (2018) found that the effects of warming increased 

phytoplankton biomass if nutrient supply was continuous, whereas, warming had a 

negative impact when nutrients were scarce. Both of these studies measured the 

response of phytoplankton communities, however, it is not only the water column that 

is impacted by nutrient enrichment. Freshwater epilithic and epipsammic biofilms play 

important roles in processing excess nutrients from the overlying waters (Dodds, 

2003). Therefore, substantial legacy effects could be imposed on freshwater biofilm 

communities as they sequester the excess nutrients from the water column and retain 

them in their extracellular matrix (Flemming et al., 2016). Currently, we have little 

knowledge of how long the nutrient enrichment of sediments will continue to impact 

freshwater biofilm communities and whether the legacy effects will interact with other 

climate stressors (i.e. warming). Assuming an immediate return to pre-stressor 

community structure and ecosystem functioning is unrealistic and oversimplified, 
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particularly if stressors have been occurring over long periods of time (Sabater et al., 

2019). 

Throughout the previous two sections, bacteria and algae have been discussed at 

length, although, there is a multitude of microbes which comprise freshwater 

communities. For example, protozoa and microbial metazoans are important 

predators of both bacteria and algae, shaping their community composition (Hirakata 

et al., 2016). Nonetheless, they are often overshadowed by bacteria and algae in 

freshwater research. As microbial eukaryote communities have gained attention, the 

number of studies assessing the impacts of climate change on protist and microbial 

metazoan communities has also increased (e.g. Brown and Wolfe, 2006; Capo et al., 

2017; Oliverio et al., 2018). However, few studies have empirically tested if species 

interactions within complex microbial communities will be modified by warming, 

highlighting one of the key unknowns in microbial community ecology. 

1.4 | The importance of species interactions in shaping microbial 

communities in a warming world 

The role of species interactions in shaping microbial communities has long been 

studied in microbial ecology (e.g. Harding, 1937; Taylor, 1977; Fredrickson and 

Stephanopoulos, 1981). However, given the unprecedented rate at which the Earth 

is warming, it is becoming increasingly important to gain an understanding of how 

warming will manipulate species interactions, and in turn, microbial community 

dynamics. Species within a community can interact in multiple ways, e.g. competition, 

predation, commensalism and mutualism (Begon et al., 2005), yet interspecific 

competition and predation have received the most attention (Chesson and Kuang, 

2008). It has largely been accepted that interspecific competition for resources is the 

principal interaction limiting species abundance and diversity and in turn, predation 

modifies these effects (Chase et al., 2002). Chesson and Kuang (2008), however, 
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found both competition and predation were capable of either limiting or promoting 

prey diversity.  

The processes underlying these species interactions are still debated. Species 

interactions are often categorised as deterministic processes shaping microbial 

communities (Stegen et al., 2015). Although, it has also been argued that species 

interactions can be either deterministic or stochastic (Segre et al., 2014). Competition 

is largely considered as a deterministic process, to the point that researchers argue 

that distinguishing between competitive exclusion and environmental filters is 

challenging (Cadotte and Tucker, 2017). Conversely, predation can be considered to 

be both a stochastic (random selection of prey) or deterministic (size-selection) 

process (Chase et al., 2009). Furthermore, classification of other species interaction 

under the deterministic and stochastic process framework is difficult as we know 

much less about these interactions (e.g. commensalism, mutualism and parasitism), 

yet, they are no less important to consider (Nemergut et al., 2013), although, outside 

the scope of this thesis.   

Given the important roles species interactions play in shaping microbial communities, 

there is a need to understand how species interactions might be altered in a warming 

world. However, a framework for predicting the effects of temperature on community 

dynamics is missing (Uszko et al., 2017). Current literature has begun to explore the 

effects of temperature on species interactions (Jiang and Morin, 2004; Newsham and 

Garstecki, 2007; Zhang et al., 2018), building upon our present understanding of how 

global warming is likely to affect both species abundance and diversity. To date, both 

empirical and theoretical studies have recorded a number of varying responses of 

interacting species to warming, including species extinctions (Rall et al., 2010; Seifert 

et al., 2015; Gibbs and Jiang, 2017), decreased or increased community stability 

(Lindmark et al., 2019) and changes in food web structure (Binzer et al., 2012; 

Fussmann et al., 2014). Over the short term, if resource supply does not vary with 
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temperature, warming can destabilise food web dynamics by increasing feeding 

rates, leading to increased top-down control (Sentis et al., 2015). Fussmann et al. 

(2014) found in a microbial predator-prey system, warming stabilised populations up 

to a threshold temperature, but beyond the threshold, warming caused the extinction 

of the predator as a result of starvation. Due to the fact metabolic rates tend to 

increase faster than feeding rates (Vucic-Pestic et al., 2011), it is likely that past the 

threshold temperature, metabolic demand exceeds the rate of ingestion, leading to 

starvation and ultimately extinction (Sentis et al., 2015). These experiments provide 

further support for the findings of Petchey et al. (1999), whereby, top predators were 

disproportionately lost from warmed communities. Thus, warming is predicted to have 

large impacts on predator-prey interactions and ultimately, prey community 

composition (Rall et al., 2010). 

To gain an understanding of how warming impacts species interactions, it is crucial 

to understand the effects of warming on individual metabolic rates and to scale this 

response to population dynamics and community-level responses (Dell et al., 2014). 

It is assumed that individual metabolic rates will differ with warming, eventually 

leading to trophic mismatches, loss of species interactions and the gaining of novel 

interactions (Pawar et al., 2015). In turn, these mismatches might have knock-on 

effects through the community (Boukal et al., 2019). Such trophic mismatches arise 

through differing sensitivities to rising temperatures, which is dependent upon 

species thermal tolerances and how close they live to their thermal optimum for 

growth (Krenek et al., 2012). These differences could lead to some species 

experiencing thermal stress with warming as they move past their thermal optimums, 

whilst increasing temperatures may benefit others as they move closer to their 

thermal optimums (Buckley and Huey, 2016). For example, following warming, 

thermal specialists are lost quicker than generalists from communities (Gilchrist, 

1995), resulting in lost species interactions. If warming exceeds an organism's 
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thermal optimum, biological rates decrease, leading to death and the potential 

extinction of that species (Angilletta, 2009). Changes to species interactions result in 

indirect effects of temperature on the food web (Beveridge et al., 2010), as a result 

of trophic mismatches between predators and prey (Edwards et al., 2004). Therefore, 

even the slightest changes to mean temperatures can alter species interactions 

(Barton and Schmitz, 2009), and in turn, community composition.   

As predator-prey interactions are predicted to strengthen with warming (Rall et al., 

2010), bacteria have evolved a broad range of defensive traits to survive predation 

(Hahn and Höfle, 2001), such as forming biofilms or aggregates, decreasing cell size, 

filamentation, exopolymer formation, changes in mobility patterns and toxin release 

(Pernthaler, 2005; Bell et al., 2010; Roth-Schulze et al., 2016). Decreasing cell size 

is particularly important as a response to warming as most protozoan predators are 

size-selective; they mainly graze intermediate cell size, providing refuge for small and 

large morphotypes (Jürgens and Matz, 2002). Increasing temperature is known to 

decrease the cell size of both protozoa (Atkinson et al., 2003) and bacteria (Hahn 

and Höfle, 2001), again leading to trophic mismatches as prey become too small or 

large to be ingested by predators. 

1.5 | Comparison of ecological approaches 

There are many approaches biologists use to answer ecological questions, but the 

three main approaches implemented are field surveys, experiments and models 

(Stewart et al., 2013). Throughout this thesis I have collected data from field surveys, 

field experiments and laboratory experiments, consequently, I do not discuss 

theoretical models in further detail.  

Field surveys have been used in the field of ecology for hundreds of years, with the 

most notable being Darwin’s expedition around the world, and in particular, the 

Galapagos Islands where he formulated the concept of natural selection (Darwin, 
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1859). Darwin’s work on natural selection highlights how important field surveys can 

be in an ecological context. Yet, using field surveys to assess the impacts of warming 

on freshwaters can be difficult because it can take decades to obtain reliable data 

(Stewart et al., 2013). Instead, ecologists use space-for-time substitutions where 

spatial differences in environmental conditions are used to understand and model 

processes changing through time (Blois et al., 2013). Space-for-time freshwater 

studies often include the use of multiple sites (e.g. streams or lakes) spanning an 

environmental gradient of interest (e.g. temperature, pH; Layer et al., 2010; 

O’Gorman et al., 2014). Although space-for-time studies are beneficial for addressing 

processes which occur over long periods of time, such as climate change, they do 

have associated problems. First, the environmental variable of interest is more often 

than not confounded by other environmental factors, making it difficult to disentangle 

which variable brings about the observed changes in biological measurements 

(Woodward et al., 2010). Furthermore, a study by França et al. (2016) found that 

space-for-time assessments underestimated the impacts of logging on biodiversity in 

the Amazon when compared with a BACI (before-after-control-impact) design. BACI 

designed warming experiments are difficult to implement in freshwaters due to the 

large costs associated with artificially heating large, remote bodies of water. 

Therefore, space-for-time field surveys are arguably the best option if maintaining a 

high degree of realism is important. However, if a high degree of realism is not a 

priority, mesocosm experiments can be more beneficial for examining the effect of 

warming on freshwater systems.   

Mesocosms are experimental containers which hold between 1 and several 

thousands of litres of water (Stewart et al., 2013). One benefit of mesocosm 

experiments is the ability to increase replication while maintaining some degree of 

realism (Schaum et al., 2017). This is especially true for mesocosm facilities which 

are open-air and allow for movement of organisms into and out of the mesocosms 
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(such as those at the Freshwater Biological Association River Laboratory in East 

Stoke, Dorset, UK; Ledger et al., 2006). Although mesocosm experiments have been 

present in the literature since the beginning of the 20th century, they were not used in 

climate change research until about 1995 (Benton et al., 2007; Stewart et al., 2013). 

The most probable reasons for the lack of mesocosm use in climate change research 

are the logistical and financial challenges imposed (Stewart et al., 2013). Mesocosm 

studies have successfully reproduced field survey data and model predictions (Fey 

and Cottingham, 2012; Yvon-Durocher and Allen, 2012; Tran et al., 2015), solidifying 

the mesocosm experiment into current ecological approaches. As a result, the use of 

mesocosms has become a popular tool in ecological research with a network of 

mesocosm facilities across the EU forming the AQUACOSM programme (Tamminen 

et al., 2018), which encourages transnational access to 37 mesocosm facilities in 18 

countries, ranging from Sub-Arctic to Mediterranean biomes. Many of the mesocosm 

facilities which form the AQUACOSM programme have integrated the ability to 

manipulate temperature, suggesting mesocosm facilities are becoming more popular 

in climate change studies. While the range of experiments which can be run in 

mesocosm facilities is vast (e.g. the effects of temperature on food-web structure, 

biofilm community assembly and biogeochemical cycling; Danger et al., 2008; 

Besemer et al., 2009; Yvon-Durocher et al., 2011), experiments addressing the 

effects of warming at the individual or population level are challenging. To address 

the effects of temperature at the individual or population levels of biological 

organisation, controlled laboratory experiments are the best methodological 

approach.  

Microcosm experiments provide a high degree of control and replication (Jessup et 

al., 2004), therefore, they are the preferred method for assessing the mechanisms 

underpinning the effects of climate warming (Thompson et al., 2013). Comparatively, 

data generated from field surveys and experiments are typically noisy (Kreylin et al., 
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2014), and therefore, less informative when assessing the impacts of warming at the 

individual level. Conducting controlled experiments to gain mechanistic 

understandings is of particular importance as these data are important for 

constructing theoretical models (Benton et al., 2007), which are currently poorly 

parameterised for ecological consequences of climate change (Stewart et al., 2013). 

Moreover, microcosm experiments have also been used to address ecological 

questions at the population and community levels to help understand predator-prey 

dynamics (Balciunas and Lawler, 1995; Begon et al., 1996), species invasions (Sait 

et al., 2000; Rivett et al., 2018), species coexistence (Scheuerl et al., 2019) and food 

web structure (Petchey et al., 1999). However, the use of microcosms experiments 

to answer complex ecological questions has been met with scepticism by some 

ecologists (Carpenter, 1996). Concerns over the relevance of microcosm 

experiments include the lack of realism and the small spatial and temporal scales 

they are run over (Carpenter, 1996). In response to these concerns, Ives et al. (1996) 

argued that microcosm experiments could be longer, in terms of generation time than 

that of most field surveys. Therefore, the fact that microcosm studies are conducted 

on small spatial scales and over short periods of time is beneficial (Jessup et al., 

2004). The limitation imposed by a lack of realism is arguably a more pressing 

concern. The researcher is able to control and manipulate the starting community, 

however, the observed patterns result from ecological processes, such as selection 

and drift (Jessup et al., 2004).  

None of the approaches discussed is perfect and each has its caveats, however, 

when applied in combination the advantages of one can outweigh the disadvantages 

of another (Benton et al., 2007). Therefore, many papers have suggested using a 

combination of approaches in future research (Jackson et al., 2017; Iwasaki et al., 

2018). Recent studies have already begun to implement multiple approaches to 

address research questions (e.g. Gerard and Triest, 2016; Verberk et al., 2016). A 
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complementary methodological approach is especially important for assessing the 

impacts of warming on microbial communities as temperature acts at the community 

and ecosystem levels through altering mechanisms at the individual and population 

levels. Therefore, throughout this thesis, a number of approaches are used to 

address the impacts of climate change on freshwater microbial communities.  

1.6 | Thesis Rationale   

Freshwater microorganisms have largely been ignored in climate change research, 

despite the important roles they play in driving Earth’s biogeochemical cycles, 

ecosystem respiration and forming the basis of freshwater food webs (Battin et al., 

2016). However, with the advancement of high-throughput sequencing technologies, 

we are now able to profile microbial communities at high resolutions (Clark et al., 

2018). Thus, in the past two decades, we have gained a plethora of information about 

the microbial communities inhabiting freshwaters ecosystems (e.g Dopheide et al., 

2008; Schmidt et al., 2016). It remains challenging, however, to assess how 

freshwater microbial communities will respond to the impacts of climate change (i.e. 

warming), and whether they will be consistent across different groups of microbes or 

across different microhabitats within freshwater systems. This research is, therefore, 

still in its infancy.  

The approaches taken to measure the impacts of warming on freshwater microbial 

communities faces a number of limitations. Space-for-time studies are often 

employed, but, the effects of temperature are usually confounded by other 

environmental variables (Woodward et al., 2010). Furthermore, these experiments 

typically measure the response of the microbial communities within a particular 

freshwater microhabitat (e.g. water column, sediment; Freixa et al., 2017; 

Rozmarynowycz et al., 2019). Microhabitats within freshwaters are extremely 

abundant and diverse (Findlay, 2010), therefore, applying a “one size fits all” 
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approach might miss vital impacts of warming on freshwater microbial communities 

from other parts of the system. To avoid confounding environmental variables, 

controlled laboratory experiments can be used. Such experiments are useful for 

studying the physiological effects of warming (Kratina et al., 2012), but, they are often 

criticised for their simplification of natural communities and the environments they 

inhabit, which are often far more complex (Carpenter, 1996). The limitations 

associated with most field surveys and laboratory microcosm experiments mean we 

do not yet have a full understanding of how warming will directly or indirectly affect 

complex freshwater microbial communities. Consequently, the aim of this thesis is to 

gain a more coherent understanding of the effects of warming on freshwater microbial 

communities by implementing methods which address these shortfalls.    

1.7 | Thesis Structure 

• In Chapter 2, I describe the molecular methods common to all data chapters.  

• In Chapter 3, I test whether the response of freshwater microbial communities 

to long-term warming is consistent between two microhabitats.  

• In Chapter 4, I assess whether the impacts of warming on developing biofilm 

communities are consistent across a catchment gradient. 

• In Chapter 5, I test the importance of the indirect effects of temperature in 

shaping freshwater bacterial communities. 
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Chapter 2  

General Methods 

 

All the data chapters in this thesis have used next-generation sequencing (NGS) to 

profile microbial communities. Outlined here are the molecular methods which occur 

across data chapters. Methods specific to a data chapter will be outlined in the 

methods section of that chapter. 

2.1 | Molecular analyses 

After DNA was extracted (see data chapters for detailed methods), the following 

methods were applied to generate libraries for sequencing. 

2.1.1 | Library preparation  

Phylogenetic marker genes were amplified to target the bacterial and micro-

eukaryotic communities. The bacterial primers 341F and 805R (Herlemann et al., 

2011) targeted a ~500bp fragment of the V4 hypervariable region of the 16S rRNA 

gene, and provided a broad coverage of bacterial taxa (Table. 2.1). The 18S primers 

Next.For and Next.Rev (Piredda et al., 2017) targeted a ~330bp fragment of the V9 

hypervariable region of the 18S rRNA gene, and were chosen as they provide 

coverage of a wide range of micro-eukaryotic organisms, spanning multiple trophic 

levels (Table. 2.1). All primers were modified to contain Illumina specific sequencing 

adapters.  
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Table 2.1 Sequences of PCR primers (without Illumina adapters) for the 16S and 

18S rRNA phylogenetic marker genes. 

Reference 
Phylogenetic 

marker gene 
Primer sequence 

Herlemann et al. (2011) 16S 

F 5’-CCTACGGGNGGCWGCAG-3' 

R 5'-GACTACHVGGGTATCTAATCC-3' 

Piredda et al. (2017) 18S 

F 5'-TTGTACACACCGCCCGTCGC-3' 

R 5’-CCTTCYGCAGGTTCACCTAC-3' 

 

DNA was amplified by PCR using an Applied Biosystems Veriti 96-well thermal 

cycler. Reactions consisted of 12.5 µl appTAQ RedMix (2X; premix containing 6mM 

MgCl2, 2mM dNTPs, AppTaq Polymerase and loading dye; Appleton Woods Ltd), 1 

µl of both primers (4 µM), 1 µl of DNA template and 9.5 µl of PCR grade water (Bioline 

Reagents Ltd). PCR conditions used within each chapter are outlined below in Fig. 

2.1. 

PCR products were purified using Agencourt AMPure XP PCR Purification beads 

(Beakman Coulter Ltd), following the manufacturer’s instructions. Nextera XT indices 

(Illumina) were attached to the clean PCR products through a short, 8 cycle PCR; 

consisting of 2.5 µl of the purified PCR product, 2.5 µl of Nextera i5 and i7 index, 12.5 

µl of appTAQ RedMix and 5 µl of PCR water. PCR conditions were as follows: initial 

denaturation at 95°C for 3 min, followed by 8 cycles of 95°C for 30 s, 55°C for 30 s 

and 72°C for 30 s, and a final extension step at 72°C for 5 min. PCR products were 

purified as previously described. PCR products were quantified using PicoGreen 
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dsDNA quantification assays (Thermo Fisher Scientific Inc), using a POLAR star 

Omega (BMG LABTECH GmbH) plate reader. Amplicons from each sample were 

then pooled in equimolar concentration. If sequencing took place the University of 

Essex, the pooled libraries were quantified using NEBNext Library Quant Kit 

(Illumina) and sequenced on an Illumina MiSeq (providing 2 x 300 bp sequences). 

Alternatively, if sequencing was conducted at the NERC Biomolecular Analysis 

Facility (NBAF), on an Illumina MiSeq (providing 2 x 300 bp sequences), then the 

pooled libraries were quantified using PicoGreen dsDNA quantification assays on a 

NanoDrop 3300 fluorospectrometer (Thermo Fisher Scientific Inc).  

 

Fig. 2.1 PCR conditions for amplifying the 16S and 18S rRNA phylogenetic marker 

genes. Both the 16S and 18S rRNA genes were amplified in Chapters 3 and 4 to 

target the bacterial and micro-eukaryotic communities. In Chapter 5, only the 16S 

rRNA gene was amplified to target the bacterial community. The number of 
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amplification cycles differed across source materials reflecting the abundance of cells 

present.  

2.1.2 | qPCR analysis 

qPCR analyses of the 16S and 18S phylogenetic marker genes were carried in 

Chapters 3 and 4. DNA standards for qPCR were made by pooling 1 µl of DNA from 

each sample. PCR primers were the same as previously stated, without Illumina 

sequencing adapters added. Pooled DNA was amplified by PCR in the same 

reactions as previously outlined. In some instances, annealing temperatures and 

cycle numbers varied to those used for amplicon PCRs (Fig. 2.2).  

 

Fig. 2.2 PCR conditions for producing 16S and 18S phylogenetic marker gene qPCR 

standards. Both the 16S and 18S rRNA genes were amplified in Chapters 3 and 4. 

The number of amplification cycles reflects the abundances of cells present in the 

source material. 
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PCR products were purified using a GenElute PCR purification Kit (Sigma) and 

quantified using PicoGreen dsDNA quantification assays on a NanoDrop 3300 

fluorospectrometer. Gene abundances were calculated using Avagadro’s constant 

as described by Beddow et al. (2017).  

Each 20 µl reaction was carried out in opaque 384-well plates (Bio-Rad Laboratories) 

and consisted of 1 µl DNA template, 0.8 µl of the forward and reverse primers (10 

µM), 10 µl 1× SensiFAST™ SYBR No-ROX dye (Bioline Reagents) and 7.4 µl of PCR 

grade water. Thermocycling conditions were the same for both target genes and were 

as follows: 95°C for 3 min followed by 40 cycles of 95 °C for 15 s and 63°C for 30 s.  

The DNA template for qPCR standards ranged from 101 to 107 copies µl-1. Copy 

numbers of the target gene within a given sample were quantified using standard 

curves generated by the qPCR standards using CFX MANAGER software (Bio-Rad 

Laboratories). Standard curve R2 values and efficiencies are given in the relevant 

chapters. 

2.2 | Bioinformatic analyses 

Illumina MiSeq data were analysed using the packages outlined in Dumbrell et al. 

(2016) and the default settings for each of the packages were used. To begin, 

sequences were quality filtered using Sickle version 1.33 (Joshi and Fass, 2011). 

Next, quality trimmed reads were error corrected using SPAdes v3.7.1 (Nurk et al., 

2013) and BayesHammer (Nikolenko et al., 2013). Forward and reverse reads were 

then paired-end aligned and primers were removed using the PEAR algorithm (Zhang 

et al., 2014), implemented in PANDAseq version 1.33 (Masella et al., 2012). 

Sequences were then clustered de novo at a 97% similarity threshold into operational 

taxonomic units (OTUs) and chimeras were removed de novo using USEARCH 

(Edgar and Bateman, 2010). Taxonomy was assigned to the representative 
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sequence from each of the 16S and 18S OTUs using the RDP Naïve Bayesian 

Classifier algorithm (Wang et al., 2007) and comparing against the RDP database for 

the 16S OTUs and against the PR2 database (Guillou et al., 2013) for the 18S OTUs.  
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Chapter 3  

Influence of microhabitat type on the response of natural 

microbial communities to warming 

 

3.1 | Abstract  

Freshwater microbial community responses to warming are difficult to measure in 

natural systems due to methodological constraints. As such, most of our 

understanding of freshwater microbial responses to warming has come from field 

mesocosm or laboratory experiments. These studies often overlook the complexity 

of natural systems, including the high degree of spatial environmental heterogeneity 

in running waters. To address this oversight, we sampled freshwater microbial 

communities from geothermal streams in Iceland, spanning approximately 17°C. 

Microbial abundance, species richness and community composition of epilithic 

(biofilms growing on rocks) and epipsammic (biofilms growing on sediments) 

microbial communities were measured to determine whether the impacts of warming 

differ between microhabitats. Additionally, carbon substrate use of the water column 

microbial communities was measured using BiOLOG GN2 plates. Our findings show 

that epipsammic biofilm species richness and abundance were more sensitive to the 

negative effects of warming than epilithic biofilm communities. Additionally, bacterial 

community composition became more dissimilar as pairwise temperature differences 

increased. On the other hand, micro-eukaryotic community composition was 

unaffected by temperature in the epipsammic biofilms. Furthermore, carbon 

substrate use was found to increase with warming. Our results show that microbial 

responses to warming are not universal between different microhabitats of 

geothermal freshwater streams or across microbial groups. We, therefore, must be 
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cautious when making generalised conclusions or predictions on freshwater 

microbial responses to warming. 
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3.2 | Introduction 

Global climate warming is one of the biggest threats to freshwater ecosystems 

(Dudgeon et al., 2006). In particular, running waters are generally rich in biodiversity 

as the heterogeneous landscape within these systems creates a plethora of 

microhabitats for microorganisms to inhabit (Crow et al., 2010; Wohl, 2016; 

Pernthaler, 2017). Despite this complexity, studies assessing the effects of 

anthropogenic pressures (e.g. climate warming) on freshwater microbial communities 

and the way they function, often focus on a single microhabitat (e.g. sediment, rocks; 

Lear et al., 2008; Widenfalk et al., 2008). As discussed in Chapter 1, biofilm 

communities forming on different types of substrates differ in community composition. 

As such, epilithic (growing on rocks) and epipsammic (growing on sediments) biofilm 

communities are likely to differ in their responses to rising environmental 

temperatures. Therefore, by measuring the response of the microbial communities 

from only one microhabitat, we may be under-estimating the impact of warming at 

the ecosystem level.  

The need for comprehensive field surveys which encompass multiple microhabitats 

is of pivotal importance to climate change research. There is surprisingly little known 

about the effects of warming on microbial communities in natural freshwaters. 

Assessing the effects of global warming, however, poses a challenge as manipulating 

temperature is logistically difficult and financially costly (Stewart et al., 2013). Instead, 

ecologists tend to control temperature through the use of mesocosm experiments 

(e.g. Dossena et al., 2012; Piggott et al., 2015), but these cannot replace field surveys 

as there is still a need to study warming in natural environments to capture ecosystem 

complexity.  

To ensure microbial sampling is properly undertaken during field surveys, we must 

ensure that bacterial community composition and diversity does not significantly vary 
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throughout the course of the day. Field surveys typically take a snap-shot of the 

microbial community at a single, fixed point in time (e.g. Roeselers et al., 2007; 

Aguilera et al., 2010). However, microbes are known to have fast generation times 

which generally increase with rising temperatures due to the thermodynamic 

constraints imposed at colder temperatures (Angilletta et al., 2010). Therefore, 

microbes exposed to warmer temperatures may respond and acclimate at a faster 

rate to environmental disturbances (e.g. nutrient enrichment; Elena and Lenski, 

2003). Given the highly variable nature of running waters, microbes in warm waters 

may respond rapidly to environmental fluctuations over a relatively short period of 

time (e.g. hours and days; Boyd et al., 2016). 

To comprehensively assess the effects of long-term warming on freshwater microbial 

communities, this study measured the microbial diversity and community composition 

from two in-stream microhabitats (epilithon and epipsammic biofilms), along a natural 

thermal gradient. Additional water samples were taken to measure the carbon 

substrate use of pelagic microbes, to gain further understanding of how these 

freshwater systems function. Furthermore, to determine whether species richness 

and abundance varied with temperature through time, a second study was 

undertaken to measure richness and abundance within the same system at three 

temperatures over the short term (8.5 hours). By doing so, this study addresses the 

following questions: (i) Do the impacts of warming on species richness and 

abundance differ between epilithic and epipsammic biofilms? (ii) Are the effects of 

warming on species richness and abundance consistent over the short-term (hours)? 

(iii) Is β-diversity affected by changes in temperature, if so, does the relationship differ 

between the two microhabitats (epilithic and epipsammic biofilms) (iv) Does the 

functioning of pelagic microbial communities change as temperatures rise?  
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3.3 | Methods  

3.3.1 | Study site 

Samples were collected from the Hengill region of Iceland (N 64°03; W 21°18), which 

is an active geothermal area 30 km east of Reykjavik (Fig. 3.1). The area includes 

the catchments for the Hengladalsa River and its tributaries. The streams which join 

the Hengladalsa River are mainly groundwater-fed and differ in temperature as a 

result of underlying geothermal activity, rather than upwelling geothermal water 

(Arnason et al., 1969). Larger, wooded vegetation is absent across the whole of the 

Hengill region (Fig. 3.1). Rather, the Hengladalsa floodplain is dominated by sedges, 

grasses and cotton grass (Carex bigelowii, Carex nigra, Agrostis capillaris, Eriophorm 

angustifolium), in addition to a few low shrub species (Empetrum nigrum and 

Vaccinium uliginosum) (Gudmundsdottir et al., 2011). Due to the absence of trees 

and the sparse presence of shrubs, there is very little leaf litter input to the streams 

(Friberg et al., 2009; Woodward et al., 2010). The whole area is grazed by sheep and 

is minimally disturbed by anthropogenic pressures (e.g. nutrient enrichment from 

agricultural land and wastewater treatment outflows). 

 

Fig. 3.1 a) Stream 7 (left) and stream 8 (right). These two streams differ in 

temperature by approximately 14°C, and at the narrowest point they are 2 m apart. 

The vegetation surrounding these streams is typical of that surrounding all the 



Chapter 3 
 

44 
 

streams sampled in this study b) the upper reaches of the Hengladalsa River within 

the field site. All the streams sampled in this study flow into the Hengladalsa River. 

Much of the surrounding rock is bare or dominated by mosses. There is a lower 

abundance of grasses in the upper reaches of the Hengladalsa River in comparison 

to the lower reaches where our study streams were located. 

3.3.2 | Sampling strategy 

Samples were taken from seven streams, located within 1 km of each other and 

ranging in temperature from c. 4.2 to 20.2°C in the summer of 2016 and c. 3.3 to 

20.0°C in the summer of 2018. Sampling took place between 23 rd June and 8th July 

in 2016 and from 3rd to 17th June 2018. In both years, three samples separated by 25 

m were taken from each stream (Fig. 3.2). First, water samples were taken for water 

chemistry analysis, followed by physical-chemical variables and finally, samples for 

molecular analyses were collected. Care was taken to sample while moving upstream 

to avoid contamination from disturbances flowing to the lower sampling points.  
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Fig. 3.2 Map of Iceland showing the location of Reykjavik and Hengill (red circles). 

The study streams are numbered on the diagram. Streams which were also sampled 

in 2016 are in red. Each stream flows directly into the Hengladalsa River or into one 

of its tributaries (stream 4). Most of the streams are located within 350 m of one 

another, except stream 12 which is roughly 1 km from stream 10. A schematic 

diagram of stream 4 depicts where sediment and rock biofilm samples were taken 

along the stream. The streams were sampled at three points (S1, S2 and S3), 

separated by 25 m.  

3.3.2.1 | Physical-chemical variables 

Stream temperatures were recorded throughout the 2016 fieldwork season, every 5 
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minutes using a miniDOT Logger (PME) and during the 2018 sampling season, every 

10 minutes with iButton Thermochron DS1921G temperature loggers (Maxim 

Integrated). Water chemistry and physical-chemical variables were also recorded 

during the 2016 fieldwork season but not during 2018. As a result, water chemistry 

data from 2016 were also used to analyse the 2018 microbial community data. 

Extensive research has been undertaken in the streams throughout the Hengill region 

for the past decade and the physical-chemical variables are known to remain 

constant in relation to temperature (Friberg et al., 2009; Gudmundsdottir et al., 2011; 

O’Gorman et al., 2012; Plebani et al., 2015; Walczyńska and Sobczyk, 2017). Width 

and depth were measured at each of the three sampling points. Measurements were 

also taken at each sampling point for conductivity and pH using a Hach HQ40d 

Portable Multi-Parameter Meter. Dissolved oxygen data were obtained using the 

same miniDOT Logger (PME) that measured temperature and were put in 

downstream of the first sampling point to avoid microbial contamination. Finally, 

surface water was collected for nutrient analyses from each of the three sampling 

points, filtered in the field using PES syringe 0.45 µm filters (Gilson) and stored at -

20°C. Concentrations of nitrate (NO3
-), nitrite (NO2

-), ammonium (NH4
+), and 

phosphate (PO4
3-) were measured by colorimetric analysis using a segmented flow 

San++ auto-analyser (Skalar), according to Kirkwood (1996). Dissolved 

concentrations of organic carbon (DOC) and nitrogen (DN) were measured using a 

TOC-L CPH/CPN analyser (Shimadzu). Acidified samples (1% HNO3) were analysed 

for total phosphorous (TP), Al3+, Ca2+, Fe, K+, Mg2+, Mn2+, Na+, SO4
2-, Si and Zn2+ 

using inductively coupled spectroscopy on an ICP-OES icap 6000 (Thermo Fisher 

Scientific). 

3.3.2.2 | Sampling procedure 

Sediment samples for profiling the epipsammic community were collected in the 

summers of 2016 and 2018 from each of the three sampling points. All seven streams 
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were sampled in 2018 while only three streams were sampled in 2016 (Fig. 3.2). The 

top 2 cm of sediment was sampled, homogenised and split between two cryovials 

(Nalgene) in 2016 and between three cryovials in 2018. The sediment in all streams 

was mostly comprised of large sand grains with some small gravel. None of the 

streams had clay-rich sediments. Furthermore, the streams in the 2016 study were 

sampled over the course of one day at four separate time points (08:30 h, 11:00 h, 

14:00 h and 17:00 h). To avoid anoxic sediment during subsequent sampling, care 

was taken to sample next to previous sampling patches but not directly on top. The 

streams were sampled at one time point during 2018.  

Samples for epilithic biofilm microbial community analyses were collected in the 

summer of 2018 by sampling three rocks from each of the three sampling points. 

During both the 2016 and 2018 field work season, the sediment and rocks in the 

streams were not aerially exposed, rather, they were fully submerged in the water. 

The epilithon was removed from the upper surface of each rock by scraping an 8 cm2 

area using a quadrat and a toothbrush. The epilithon was washed from the rock into 

a 25 ml sterile trough using a funnel and 10 ml of stream water. The diluted epilithon 

was homogenised and 1.8 ml was transferred into three 2 ml cryovials (Nalgene). 

Prior to all sampling, equipment was sterilised in 10% bleach and rinsed in a 5 L 

bucket using downstream water. Samples were immediately stored in a portable 

freezer at -20°C and moved to long term storage at -80°C upon return to the 

University of Essex. 

3.3.3 | Molecular analyses 

DNA was extracted from 0.25 g of the 2016 sediment samples using DNeasy 

PowerSoil Kits (Qiagen), following the manufacturers protocol. DNA from 0.25 g 

sediment and 0.5 ml of diluted epilithic biofilms was extracted from samples collected 

in 2018 using 0.5 ml of hexadecyltrimethylammonium bromide (CTAB) extraction 
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buffer and 0.5 ml of phenol-chloroform-isoamyl alcohol (25:24:1) (pH 8.0), as outlined 

by Griffiths et al. (2000). DNA extracted from both 2016 and 2018 samples was eluted 

in 50 µl of EB Buffer (Qiagen). Next, the DNA extracted from the 2018 epipsammic 

biofilm and epilithon samples was pooled across the three replicates from each 

sampling point, for a final volume of 150 µl. Library preparation for the 2018 epilithon 

and epipsammic biofilm samples was therefore carried out on 3 samples per stream 

(Fig. 3.3). Library preparation methods are outlined in the general methods (Chapter 

2). Sequencing was conducted at The University of Essex on an Illumina Miseq 

(providing 2 x 300 bp sequences).  

3.3.3.1 | qPCR 

All samples and standards were run in triplicate and either three or nine no template 

controls (NTCs) were included on each plate. Standard curves had R2 values > 0.99 

and efficiencies between 73% and 98%. 

3.3.4 | Chlorophyll-a concentration 

Water and epilithic biofilms were sampled in 2016 for chlorophyll-a analysis. Epilithic 

biofilms were sampled from each of the three sampling points. Epilithon was sampled 

using the same method outlined in section 3.3.3 for molecular analyses, with the 

exception that 50 ml instead of 10 ml of water was used to wash the epilithon into a 

50 ml falcon tube. An additional water sample was taken from the second sampling 

point by directly filling a 50 ml falcon tube from the middle of the stream. Samples 

were read immediately in the field using a FluoroProbe (bbe moldaenke GmbH). 

Measurements were set to assess the concentration of chlorophyll-a from green 

algae, cyanobacteria, diatoms/dinoflagellates and cryptophytes every second for 10 

s using the bbe++ software (Version 2.4.11).  



Chapter 3 
 

49 
 

 

Fig. 3.3 Workflow for epilithic biofilm DNA extractions A – Three rocks were selected 

from each of the three sampling points. B – The epilithon from each rock was 

scrubbed using an 8 cm2 quadrat then 1.8 ml of the diluted epilithon was transferred 

into a 2 ml cryovial. C – DNA was extracted from each sample separately and once 

eluted in 50 µl, samples from the same transect were pooled together to make a final 

volume of 150 µl. DNA from each of the three epipsammic samples was also pooled 

using this same method. Further library preparation steps were done using the pooled 

DNA.  

3.3.5 | Carbon substrate use by pelagic microbes 

A 15 ml sample of stream water was collected from the second sampling point of 

each of the seven streams in 2016. BiOLOG™ GN2 plates (BiOLOG Inc., USA) were 

then used to establish the indirect effects of temperature on carbon substrate use at 

the community level. The GN2 plates have 95 different carbon sources, providing a 

broad picture of the functioning of the microbial community (Fig. S3.1). Within each 
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well of the 96-well GN2 plates, there are unique carbon sources and a control well 

containing water. Each well on the plate was inoculated with 150 µl of stream water 

and incubated at 21°C ± 2°C for 72 hours. The microbial community is unlikely to 

have completely used the carbon sources after 72 hours, however, after this time 

fungal growth becomes visible, confounding the results of the substrates used by the 

rest of the microbial community (Classen et al., 2003). 

Due to the remote nature of the study site, access to an optical density plate reader 

was not possible. Instead, photographs of the GN2 plates were taken using a Canon 

PowerShot SX60 HS camera for later analyses. A camera colour card (CameraTrax) 

was photographed alongside the GN2 plate to allow for standardising colour during 

photograph analysis. 

The photographs were analysed in ImageJ by converting them to greyscale and 

extracting the mean grey value for an area of 384 pixels within each well of the plate. 

This area was deemed small enough to avoid any unwanted reflectance of light in 

the wells but large enough to capture any variation of colour in the well. Each 

photograph was standardized using Eq. (1), where the mean grey value of 40% grey 

was obtained from the colour card: 

 

(1) 

 

Although the GN2 plates were photographed at the same time each day, there were 

differences in the quality of light across days. To account for this, the average and 

the standard deviation (SD) of the standardised grey value of the A1 control wells 

across all the plates were calculated. Next, 1 SD below the mean standardised grey 

value was calculated for all the remaining wells. A value of 1 was assigned to wells 

with a value smaller than 1 SD below the mean standardised grey value of the A1 
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control well. On a colour card, white has a higher value than black, therefore, smaller 

values than that given for 1 SD below the mean standardised grey value, indicates a 

colour change. Wells which had values within 1 SD below the mean standardised 

grey value of A1 were assigned a 0 to indicate the carbon source was not being used. 

3.3.6 | Statistical analyses 

3.3.6.1 | Physical-chemical analyses 

Pearson’s correlations were performed to test whether stream temperatures from 

both years were correlated. Additionally, correlations between physical-chemical 

properties of the water column and stream temperatures from both years were also 

tested using Pearson’s correlations. Tests were run using a Bonferroni correction to 

reduce false discovery rates associated with multiple tests.  

3.3.6.2 | Sequence data 

Bioinformatic analyses were conducted using the methods outlined in the general 

methods (Chapter 2). To account for unequal library sizes and avoid biasing results, 

OTU tables generated from the 2016 samples were rarefied. The 16S library was 

rarefied to the sample with the smallest number of sequences (15,357), while the 18S 

library was rarefied to 9,303 sequences, removing three samples from further 

analyses (Fig. S3.2). Bacterial and micro-eukaryotic libraries generated from 2018 

samples were rarefied to 10,000 and 5,000 sequences respectively (Fig. S3.3). OTUs 

identified as class Chloroplast were removed from the 16S datasets to exclude 

contamination from eukaryotic sequences and to ensure analyses were carried out 

on the bacterial community only. Targeting the 18S gene is known to provide a poor 

coverage of fungal diversity in comparison to the preferred ITS regions (Lord et al., 

2002; Liu et al., 2015). As such, the 18S primers were deemed insufficient for 

providing unbiased coverage of the fungal community and all fungi were removed 
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(17% of total sequence reads) from the 18S datasets. Using ITS primer sets would 

be an interesting avenue for including fungal diversity in future research, but it was 

beyond the scope of this thesis. To ensure analyses were conducted on the 

remaining micro-eukaryotic community, the following classes were removed, 

Embryophyceae, Bangiophyceae, Florideophyceae and Ulvophyceae. While 

Bangiophyceae and Florideophyceae contain micro-eukaryotes, only macrophytes 

were present in the OTU tables generated in this study. Micro-eukaryotic 

communities were separated, into phototroph (including mixotrophs), heterotroph 

and microbial metazoan communities based on existing literature (Piredda et al., 

2017; Simpson et al., 2017). Assignment to phototrophs or heterotrophs for members 

of the Discoba phylum was based on the presence/absence of chloroplasts.   

3.3.6.3 | OTU richness 

OTU richness from the epilithon and epipsammic biofilms were analysed using 

generalised linear models (GLMs) with a negative binomial error distribution. 

Temperature, microhabitat type and their interaction were included as explanatory 

terms in the models. Temperature was included as a linear and quadratic term and 

Akaike’s Information Criterion (AIC) was used to determine which model was the 

better fit. Step-wise deletions were performed on the maximal model, removing terms 

which did not significantly reduce the model fit. 

3.3.6.4 | Gene abundances 

To analyse the effects of temperature on 16S and 18S rRNA gene copy numbers, 

negative binomial GLMs were used. Temperature was the only explanatory variable 

included in the model, meaning model simplification was not necessary. 
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3.3.6.5 | Chlorophyll-a concentration  

Linear mixed models (LMMs) were used to test whether there were different 

responses to temperature across microalgal groups in epilithic biofilms. Initial models 

resulted in heteroscedasticity so the model was adjusted to allow variances for each 

group of microalgae to differ. Both microalgal group, temperature and their interaction 

were included in the initial model as fixed effects. Sampling point nested within 

stream was specified as a random effect. The random effect accounted for non-

independence as the sample had been diluted by stream water flowing over each 

sampling point. Step-wise deletion was performed as previously described. 

3.3.6.6 | Community dissimilarity 

To test for significant associations between community dissimilarity and differences 

in temperature, mantel correlations were carried out with 10,000 permutations. 

Community dissimilarity matrices were constructed using the Jaccard index. This 

index is preferred for microbial ecology because it is qualitative and not quantitative 

based. Abundance-based distance matrices, such as Bray-Curtis, are problematic as 

they can result in false-positive relationships when the absence of an OTU is 

regarded as part of a trend. Rather, OTU absences are often due to lack of rigorous 

sampling of the microbial communities (Ramette, 2007). Finally, to test for 

confounding effects imposed by distance, a mantel test was also conducted between 

pairwise temperature differences and pairwise distance between streams. The 

Haversine formula was used to calculate the shortest distance between pairwise 

streams. 

3.3.6.7 | Carbon substrate use by pelagic microbes  

Substrates were grouped into six biochemical groups as outlined by Zak et al. (1994; 

Table. S3.1) and the relative number of substrates used for each stream was 
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calculated. Relative substrate use was then modelled using a GLM with a binomial 

error distribution and a logit link function applied. The model was simplified using 

step-wise deletion.     

All analyses were conducted in the R statistical language (R Development Core 

Team, 2019), using the following packages: ‘vegan’ (Oksanen et al., 2019), ‘ggplot2’ 

(Wickham, 2016), ‘tidyverse’ (Wickham et al., 2019), ‘ggeffects’ (Lüdecke, 2018), 

‘psych’ (Revelle, 2018), ‘MASS’ (Venables and Ripley, 2002) and ‘nlme’ (Pinheiro et 

al., 2019). 
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3.4 | Results  

3.4.1 | Physical-chemical properties  

Mean stream temperatures ranged from 4.2 °C to 20.2 °C in the summer of 2016 and 

from 3.3 °C to 20.0 °C in the summer of 2018 (Table. 3.1). Stream temperatures from 

both years were strongly correlated (Pearson r = 0.98, t5 = 11.52, P < 0.001). All 

physical-chemical properties measured for each stream are presented in Table. 3.2 

alongside mean stream temperatures. The Pearson r correlations between physical-

chemical variables from 2016 and stream temperatures from 2016 and 2018 are 

presented in the appendices (Table S3.2). Dissolved oxygen was negatively 

correlated with 2016 stream temperatures, while, conductivity, calcium (Ca2+), 

potassium (K+) and sodium (Na+) were positively correlated with stream temperatures 

from 2016 and 2018. The dissolved oxygen concentrations measured in the Hengill 

streams have not previously been known to affect microbial communities (Rocke and 

Liu, 2014; Spietz et al., 2015). The increases in Ca2+, K+ and Na+ with temperature 

were all unlikely to affect microbial growth and community dynamics at the 

concentrations in the Hengill streams (Dalinsky et al., 2014; Zhang et al., 2014; 

Herbert et al., 2015). Furthermore, the increase in conductivity with temperature is 

most probably due to the increases in the Ca2+, K+ and Na+ salts. 
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Table 3.1 Temperatures of the streams in Hengill during the summers of 2016 and 

2018. Temperature was recorded every 5 minutes over five or seven days in 2016 (n 

= 1,440 or 2,016 respectively) and every 10 minutes over 14 days in 2018 (n = 2,016). 

The mean, standard deviation (SD), minimum (min) and maximum (max) 

temperatures of the streams were calculated for these data and are shown in the 

table. Stream numbers correspond to those in Fig. 3.2. 

 

23rd-30th June 2016 / 3rd-8th July 
2016 3rd-17th June 2018 

Stream 
Mean 
(°C) 

SD 
Min 
(°C) 

Max 
(°C) 

Mean 
(°C) 

SD 
Min 
(°C) 

Max 
(°C) 

4 9.3 1.7 6.9 16.4 7.6 1.7 5.0 14.5 

6 14.9 0.6 13.6 16.7 13.4 0.6 12.5 16.0 

7 5.5 0.4 5.1 8 6.2 1.7 15.0 15.0 

8 20.2 0.3 19.6 20.8 20.0 0.1 20.2 20.5 

9 11.1 1.1 9.2 14.7 19.2 1.0 14.0 14.0 

10 4.2 1.0 3.4 7.9 3.3 0.3 4.0 4.0 

12 13.3 2.0 10.6 19.5 11.0 2.1 19.0 19.0 

 

3.4.2 | The impact of warming on microbial species richness and 

abundance 

3.4.2.1 | Bacterial and micro-eukaryote OTU richness 

Bacterial richness (number of OTUs) from the two microhabitats exhibited different 

responses to temperature (Fig. 3.3, GLM; F1,30 = 4.92, P = 0.03). OTU richness of 

epipsammic bacterial communities had a negative relationship with increasing 

temperatures (Fig. 3.4). Conversely, epilithon bacterial communities appeared to be 

buffered from any negative effects of temperature, instead, OTU richness slightly 

increased in the warmest stream (Fig. 3.4). Unlike the bacterial community, micro-

eukaryotic richness significantly decreased as temperatures increased, regardless of 

the microhabitat (Fig. 3.4, GLM; F1,30
 = 9.69, P < 0.01). The OTU richness of 

phototrophs, heterotrophs and microbial metazoans differed in their responses to 
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temperature (Fig. 3.5). Phototroph richness declined linearly with temperature in both 

microhabitats (GLM; F1,30 = 6.20, P = 0.02). On the other hand, heterotroph richness 

significantly responded to the quadratic temperature term, meaning the relationship 

formed a unimodal hump shape (GLM; F1,29 = 30.18, P < 0.001), while, neither 

temperature nor microhabitat significantly affected microbial metazoan richness. 

Finally, phototroph richness differed between microhabitats (GLM; phototrophs, F1,30 

= 6.20, P = 0.02), while heterotroph richness did not.  

3.4.2.2 | Bacterial and micro-eukaryote abundances 

In general, temperature had a negative effect on the 16S and 18S rRNA gene copy 

numbers in the epipsammic biofilms, while gene abundances appear to be buffered 

from the effects of temperature within epilithon biofilms (Fig. 3.6). However, when 

gene abundances were modelled using temperature, there was only a significant 

effect on the abundance of the 16S rRNA gene from epipsammic biofilms (GLM; z = 

2.12, coefficient = -0.09, P = 0.03). 

3.4.2.3 | Chlorophyll a concentration 

Temperature had no effect on the chlorophyll a concentration either as a singular or 

interactive effect with algal group (LMM; Temperature, F = 0.07, P = 0.81; 

Temperature × Algal group, F = 0.49, P = 0.69). There appeared to by a higher 

concentration of chlorophyll a from diatoms and green algal at 5.5°C and 20.2°C (Fig. 

3.7). These samples were collected from streams 7 and 8, which are less than 2 m 

apart at the narrowest point (Fig. 3.2).  
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Table 2.2 Mean physical-chemical properties of the streams in Hengill. The temperature of stream water was recorded in both the summers of 

2016 and 2018. All remaining physical-chemical variables were recorded in the summer of 2016 at the same time water temperatures were 

recorded. Temperature and dissolved oxygen were recorded continuously and all remaining physical-chemical variables were recorded on the 

same day samples were taken, from point measurements at three points, separated by 25 m along the sampling reach. 
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Fig. 3.4 The relationship between OTU richness and temperature for bacterial (top) 

and micro-eukaryotic (bottom) communities within epilithic and epipsammic biofilms. 

Each point represents a sample collected from each of the sampling points along the 

stream (n = 3). Some temperatures have less than three replicates due to sample 

loss when rarefying the OTU tables. The shaded grey area indicates the 95% 

confidence interval of the fitted linear model. 
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Fig. 3.5 The relationship between OTU richness and temperature for the phototrophic 

(top), heterotrophic (middle) and microbial metazoan communities (bottom) within 

epilithic and epipsammic biofilms. Each point represents a sample collected from 

each of the sampling points along the stream (n = 3). Some temperatures have less 

than three replicates due to sample loss when rarefying the OTU tables. The solid 

black line shows the fitted model with a 95% confidence interval (shaded grey area). 
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Fig. 3.6 The relationship between temperature and mean copy numbers of the 16S 

rRNA gene (top) and the 18S rRNA gene (bottom) in epilithic (left) and epipsammic 

(right) biofilms. Each point represents the average gene abundance and error bars 

show standard errors between replicates (n = 3). The solid black line shows the fitted 

model with a 95% confidence interval (shaded grey area). 
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Fig. 3.7 The relationship between chlorophyll a concentration and temperature of 

four main groups of algae (cryptophyes, cyanobacteria, diatoms and green algae) in 

epilithic biofilms. Error bars show standard errors between replicates (n = 3). The 

solid black line shows the fitted model with a 95% confidence interval (shaded grey 

area). 
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3.4.3 | Does time of sampling affect species richness and abundance? 

3.4.3.1 | Species richness 

Similar to the epipsammic biofilms from the 2018 sediment samples, bacterial 

richness was significantly affected by temperature (GLM; F1,16 = 13.43, P < 0.01). The 

time of sampling did not significantly impact bacterial richness, however, it did 

significantly interact with temperature (GLM; F3,16 = 7.42, P < 0.01). While bacterial 

richness decreased with temperature at three of the time points, it increased with 

temperature at 11:00 am (Fig. 3.8). Unlike the bacterial community, there was no 

obvious overall trend between 18S OTU richness and temperature. Instead, positive, 

negative and no relationship were all observed across time (Fig. 3.8). As a result, 

micro-eukaryotic richness was not significantly affected by either time, temperature 

or their interaction. 

3.4.3.2 | Bacterial and micro-eukaryotic abundance 

Abundance of the 16S rRNA gene was significantly affected by both time and 

temperature, in addition to their interaction (GLM; Time, F3,16 = 3.37, P = 0.047; 

Temperature, F1,16 = 12.74, P < 0.01; Time × Temperature, F3,16 = 4.43, P = 0.02). 

Alike bacterial α-diversity, the trend from the 11:00 am samples was positively 

affected by temperature, differing from the remaining three-time points (Fig. 3.9). This 

same positive trend was also observed in the 18S rRNA gene abundances at the 

11:00 am time point (Fig. 3.9). However, unlike the abundance of the 16S rRNA gene, 

time had no effect on the abundance of the 18S rRNA gene, either as a single term 

or as part of an interaction with temperature. As a singular term, temperature 

influenced 18S rRNA gene copy numbers (F1,16 = 5.51, P = 0.03). This differs from 

the data collected in 2018 where there was no significant effect of temperature on 

18S rRNA gene abundances in the epipsammic biofilms.  
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Fig. 3.8 The relationships between OTU richness and temperature for the bacterial 

(top) and micro-eukaryotic (bottom) epipsammic communities at four-time points over 

an 8.5 hour interval. Each point represents a replicate sample for each timepoint (n 

= 2). The presence of one point indicates the loss of a sample when normalising the 

sequence data. The solid black line shows the fitted model with a 95% confidence 

interval (shaded grey area). 
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Fig. 3.9 Gene abundances of the 16S rRNA gene (top) and the 18S rRNA gene 

(bottom) across a thermal gradient, at four-time points over an 8.5 hour interval. Each 

point represents the average gene abundance and error bars show standard errors 

between replicates (n = 3). The solid black line shows the fitted model with a 95% 

confidence interval (shaded grey area).  
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3.4.4 | Effects of temperature on microbial community dissimilarity  

Bacterial community dissimilarity was positively correlated with differences in 

temperature (Fig. 3.10; epilithon; rmantel = 0.28, P < 0.01, epipsammic; rmantel = 0.31, P 

<0.01). On the other hand, micro-eukaryotic community dissimilarity was significantly 

positively correlated with temperature in rock biofilms but not in the sediment (Fig. 

3.10; epilithon; rmantel = 0.53, P < 0.001, epipsammic; rmantel = 0.08, P = 0.23). 

Differences in temperature also had varying effects on community dissimilarity when 

the micro-eukaryotic community was split into the three groups previously outlined. 

Community dissimilarity and differences in temperature were significantly correlated 

for all micro-eukaryotic groups in the biofilms (Fig. 3.11; phototrophs, rmantel = 0.53, P 

< 0.001; heterotrophs, rmantel = 0.42, P < 0.001; microbial metazoans, rmantel = 0.23, P 

< 0.01). Only community dissimilarity of the microbial metazoans from the 

epipsammic biofilms was significantly correlated with differences in temperature 

(rmantel = 0.25, P < 0.001). Distance between streams and pairwise temperature 

differences was not significantly correlated, indicating that distance was not a 

confounding factor in this study (Fig. S3.4; rmantel = -0.06, P = 0.46). 
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Fig. 3.10 The relationship between bacterial (top) and micro-eukaryotic (bottom) 

community composition of epilithic and epipsammic biofilms and pairwise 

temperature differences between streams. Lines represent the fit of a linear model, 

indicating the direction of correlations. A solid line indicates a significant correlation 

and a dashed line indicates a non-significant correlation.  
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Fig. 3.11 The relationships between phototroph (top), heterotroph (middle) and 

microbial metazoan (bottom) community composition of epilithic and epipsammic 

biofilms and pairwise temperature differences between streams. Lines represent the 

fit of a linear model, indicating the direction of correlations. A solid line indicates a 

significant correlation and a dashed line indicates a non-significant correlation.  
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3.4.5 | The effects of warming on microbial carbon substrate use 

There was no difference in usage across the six biochemical groups of substrates. 

Instead, temperature had a significant effect on the relative number of substrates 

used, across all substrate groups, by the microbial community after 72 hours (Fig. 

3.12; GLM; F1,40 = 9.54, P < 0.01). Additionally, there was no interaction between 

temperature and microhabitat type. 

 

 

Fig. 3.12 The relative number of six biochemical groups of carbon substrates used 

by pelagic freshwater microbes after 72 hours, across a thermal gradient. Lines 

represent the fit of a linear model with 95% confidence interval.  
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3.5 | Discussion  

3.5.1 | The relationship between OTU richness and temperature 

Freshwater microbial communities were examined from two microhabitats (epilithic 

and epipsammic biofilms) along a thermal gradient. In general, temperature had a 

negative effect on OTU richness, however, this pattern was not observed in the 

bacterial epilithon community. Instead, bacterial richness in the epilithon slightly 

increased in the warmest stream. The increase of bacterial richness can be explained 

by metacommunity theory and the concept of spatial environmental heterogeneity. A 

metacommunity is any number of local communities connected through dispersal 

(Leibold et al., 2004). Due to the high connectivity and close proximity of the Hengill 

streams (Woodward et al., 2010), and the high dispersal rates of microorganisms 

(Evans et al., 2017), it is likely the communities originate from the same species pool 

but the thermal gradient drives differences in both richness and community 

composition (Horner-Devine et al., 2004). Furthermore, the environmental 

heterogeneity between the two microhabitats is likely to also be acting as a selective 

pressure on the metacommunity (Urban, 2009). Therefore, local microhabitat 

conditions appear to be important in determining how microbial communities will 

respond to warming.  

Warming had a negative impact on the bacterial richness of epipsammic biofilms, 

despite the fact the same thermal pressure was acting upon the metacommunity. The 

different responses of bacterial richness to warming between microhabitats could be 

attributed to trophic cascade effects. A study conducted within the same system by 

Plebani et al. (2015), observed the opposite patterns in ciliate richness, compared to 

the bacterial richness in this study, whereby ciliate richness in the epilithic biofilms 

decreased with increasing temperatures, but slightly increased in the epipsammic 

biofilms. Being protists, ciliates are one of the main predators of bacteria (Bonkowski, 
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2004; Jousset, 2012), thus, they are able to shape bacterial communities through 

preferential feeding (Simek et al., 2003; Dopheide et al., 2011). It is therefore 

plausible that when ciliate diversity was low (as in the epilithic biofilm communities at 

warmer temperatures), predation pressure on the bacterial community was lessened, 

and bacterial diversity could increase. The data from this study on heterotroph 

richness in the epilithic biofilms also supports this hypothesis. However, unlike 

Plebani et al. (2015), the heterotroph richness in epipsammic biofilms decreased in 

the warmest streams. The difference in the response of epipsammic heterotroph 

richness to warming between this study and that by Plebani et al. (2015) could be 

due to the fact their study assessed only the ciliate community. Ciliophora is only one 

phylum which comprises the wider heterotroph community, therefore, other phyla are 

likely to be driving the response to warming in this study.  

Overall, micro-eukaryotic richness was negatively affected by increasing 

temperatures. Upon splitting the micro-eukaryotic community into phototroph, 

heterotroph and microbial metazoan communities, it is clear the phototrophs were 

driving the overall micro-eukaryotic species richness response to warming. The 

negative linear effect of temperature on phototroph species richness could be due to 

the fact that respiration is more sensitive to warming than photosynthesis (Yvon-

Durocher et al., 2012). Therefore, in cold-adapted taxa (e.g. Arctic species) 

respiration rates approach photosynthetic rates, reducing carbon-use efficiency 

(Padfield et al., 2016). Lower carbon-use efficiency puts stress on taxa within the 

phototroph community by limiting growth (Padfield et al., 2016), which can potentially 

lead to extinction and a reduction in phototroph richness. However, overall the 

phototroph community had greater OTU richness than either the heterotroph or 

microbial metazoan communities. The diverse richness of the phototroph community 

is likely due to the fact sampling was carried out during the summer months while 

irradiance and mean air temperatures were high (Allan and Castillo, 2007). 
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Heterotroph richness in both microhabitats and microbial metazoan richness of 

epilithic biofilm communities all exhibited a unimodal hump-shaped relationship with 

temperature. Maximum OTU richness was between approximately 9°C and 13°C, 

followed by a fall in OTU richness in the warmest stream (20°C). Presently, we do 

not understand the impacts of warming on micro-eukaryotic richness. However, 

previous research on geothermal hot springs have measured bacterial richness 

across large thermal gradients. A study by Sharp et al. (2014) showed that warming 

increased bacterial richness until a tipping point was reached (24°C), at which point, 

it steeply declined. A second comprehensive study by (Power et al., 2018) found a 

sharp decrease in bacterial richness past ~23°C, however, this was only true for 

geothermal springs with a pH in the range of 5-9 (Power et al., 2018). The colder 

tipping point observed in this study for micro-eukaryote richness could indicate a 

slower rate of adaptation to warming, in eukaryotic microbes compared to 

prokaryotes. Support for the colder tipping points of microeukaryotes is also provided 

by Boenigk et al. (2007), who found that a micro-eukaryotic strain (Spumella sp) from 

Antarctica exhibited thermal optima for growth between 11.8°C and 17.7°C.  

Another explanation for the low micro-eukaryotic richness in the warmest stream in 

our study could be attributed to the presence of grazers. The snail Radix peregra is 

present in all the Hengill streams with temperatures above 14°C (Friberg et al., 2009). 

R. peregra is the dominant grazer in the warmest streams and their grazing pressure 

has been found to increase 5-fold between the coldest and warmest streams in the 

Hengill system (O’Gorman et al., 2012). The presence of R. peregra coupled with the 

low tipping point of micro-eukaryotes offers a robust explanation for the decrease in 

all micro-eukaryotic groups with temperature.     
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3.5.2 | The effects of warming on bacterial and micro-eukaryote 

abundances 

Abundances of the 16S and 18S rRNA genes decreased with increasing stream 

temperatures in the epipsammic biofilms. As previously mentioned, the warmest 

stream in this study was close to the observed upper thermal limit for a polar micro-

eukaryotic strain (Boenigk et al., 2007). As such, the decrease in micro-eukaryotic 

abundance as stream temperatures increased is indicative of enhanced physical 

stress. In order to deal with stressful temperatures, microbes must produce heat-

shock proteins which are energetically expensive (Macario and De Macario, 2007), 

and could potentially have a negative effect on fecundity and survivorship (Angilletta, 

2009). There have been no studies to date seeking to determine the thermal optima 

for bacterial growth in polar regions. This study, however, indicates bacterial 

abundance is more sensitive to warming than micro-eukaryotic abundance, 

therefore, we infer the bacteria in the Hengill streams have similar upper thermal 

limits as the micro-eukaryotes. In contrast to the epipsammic biofilms, the 

abundances of the 16S and 18S rRNA genes from epilithic biofilms appear to be 

buffered against any negative effects of warming. This finding is supported by 

previous research which found epilithic biofilms were less sensitive to variations in 

physical-chemical parameters than epipsammic biofilms (Romaní and Sabater, 

2001).  

Furthermore, the trends observed for bacterial abundance across different 

temperatures is mimicked by the abundance of micro-eukaryotes. The chlorophyll-a 

concentration from diatoms and green algae exhibited a slight downward trend with 

increasing temperature. Therefore, the heterotrophs and microbial metazoans could 

be driving the 18S rRNA gene abundance data from biofilm samples. The heterotroph 

community is known to predate heavily on bacteria (Batani et al., 2016) so when 
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bacterial abundance decreased it could have had a knock-on effect on the micro-

eukaryotic community as the main food source became scarce.  

Temperature did not affect the chlorophyll-a concentration of the microalgal groups 

in epilithon biofilms. However, the concentration of chlorophyll-a from green algae 

and diatoms slightly decreased with temperature in the epilithic biofilms. Previous 

research found epilithic biofilm communities become dominated by cyanobacteria as 

temperature increases (Russell et al., 2013). It is also recognised that the biomass 

of green algae in biofilms typically increases with warming, while diatoms dominate 

in colder water (Vermaat and Hootsmans, 1994). An earlier study by Gudmundsdottir 

et al. (2011), from the same system sampled in this study, also found the biomass of 

cyanobacteria, green algae and diatoms were not affected by temperature. They 

noted that as the temperature of the streams increased, bryophyte biomass 

increased, becoming the dominant primary producers. The results from this study 

and those from Gudmundsdottir et al. (2011) suggest the indirect effects of warming 

through altering biotic interactions could be more important than the direct effect of 

warming on epilithic microalgal biomass.  

3.5.3 | OTU richness and abundance across a thermal gradient, 

measured over a single day 

Time of sampling had no effect on micro-eukaryotic OTU richness or on the 

abundance of the 18S rRNA gene. However, time had a significant interactive effect 

with temperature on bacterial OTU richness and on the abundance of the 16S rRNA 

gene. An earlier study of microbial communities from a fjord in Svalbard also found 

bacterial community composition was more variable over time when compared to the 

micro-eukaryotic community (Piquet et al., 2010). On the other hand, a study 

assessing the diurnal variation of soil bacterial community composition found there 

were no differences across diurnal time points (Landesman et al., 2019). The 
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difference between these two systems can be explained by the impacts of 

allocthonous inputs (e.g. nutrients, heavy metals, organic matter) are likely to have. 

For example, it is possible that allochthonous inputs impact a larger area in aquatic 

systems than they would in terrestrial systems because of the high connectedness 

of these systems. Allocthonous inputs into the water column, are not only likely to 

affect microbial community composition and abundance at the site of impact but also 

further downstream (Drury et al., 2013; Thompson et al., 2016). In this study, the 

bacterial OTU richness and abundance at 11:00 h in the warmest stream was driving 

the significant interaction between time of sampling and temperature, indicating a 

favourable change to local conditions (e.g. nutrient loading). By 14:00 h, bacterial 

OTU richness was roughly the same as observed at 08:30 h which could indicate a 

high level of resilience within the bacterial community (Shade et al., 2012).  

In light of the findings from this study, it would be beneficial for future studies 

assessing the effect of anthropogenic pressures on aquatic bacterial communities to 

sample across multiple time points. This is particularly important if sampling within a 

system is undertaken on different days where the local weather differs. Surface run-

off from rain, for example, is a well-known contributor of organic matter and nutrients 

into aquatic systems, both of which have large impacts on microbial diversity 

(Muscarella et al., 2016; Delgado-Baquerizo et al., 2017). 

3.5.4 | The effects of warming on microbial community dissimilarity 

Bacterial community dissimilarity with temperature in both the biofilm and sediment 

was possibly driven by community turnover as taxa adapted to warmer temperatures 

were selected for from the metacommunity (Logue et al., 2011). On the other hand, 

micro-eukaryotic community dissimilarity and pairwise temperature differences were 

correlated in the epilithic but not in epipsammic biofilms. This same pattern was 

observed for the phototrophic and heterotrophic communities but not for the microbial 



Chapter 3 
 

76 
 

metazoans. A positive correlation between community dissimilarity and pairwise 

temperature differences in epipsammic biofilm microbial metazoan communities is 

likely a result of the low OTU richness in those samples. Therefore, a loss of just one 

taxa between the cold and warm streams could result in a significant correlation. 

However, the lack of correlation between community dissimilarity and pairwise 

temperature differences in the epipsammic biofilms could be due to variable sediment 

temperatures, as a result of the indirect warming through the bedrock (Arnason et al., 

1969). The temperature of epilithic biofilms is more likely to match that of the water 

column, resulting in uniform temperatures. A stable environment is more likely to 

select for taxa which are specialists (Krenek et al., 2012). Therefore, the increase in 

community dissimilarity with increasing pairwise temperature differences in epilithic 

biofilms, might be due to the replacement of taxa adapted to a broad range of 

temperatures by taxa adapted to a narrow range of warmer temperatures. As such, 

the more variable sediment temperatures could select for generalist species in the 

epipsammic biofilms, which can proliferate over a greater range of temperatures 

(Angilletta, 2009). The presence of generalist taxa would explain the lack of 

correlation between community dissimilarity and pairwise temperature differences as 

the same generalist taxa may be present in both the colder and warmer streams. 

3.5.5 | Warming alters carbon substrate use 

A greater relative number of substrates were used as the temperature of the streams 

increased. This is in line with the metabolic theory of ecology which states almost all 

biological rates increase exponentially with temperature (Brown et al., 2004). As 

such, microbial communities sampled from the warmest stream will have adapted 

faster metabolic rates (Smith et al., 2019), meaning these communities are able to 

metabolise substrates at a faster rate. On the other hand, microbes exposed to cold 

temperatures are physiologically constrained and are unable to uptake substrates 

quickly (Nedwell and Rutter, 1994). A study by Biasi et al. (2005) found that Arctic 
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soils warmed to 24°C preferentially broke down recalcitrant substrates but when the 

temperature was reduced to 12°C, the community reverted to breaking down labile 

substrates. Furthermore, microbial communities in boreal peat soils at ≤ 0°C were 

found to utilise labile carbon substrates (Segura et al., 2019). These studies indicate 

that labile sources are preferentially metabolised at colder temperatures, which is 

likely driven by a lower affinity for substrates. While recalcitrant substrates are 

favoured at warmer temperatures due to an increase in metabolic rates, increasing 

the rate at which these complex molecules can be broken down and metabolised. 

This study provides further support that complex, recalcitrant substrates are utilised 

more at warmer temperatures. The relative use of polymers (macromolecule 

composed of repeating subunits) showed the greatest increase with warming. 

Carbohydrate use also increased with warming, which could be due to an increased 

use of oligo- and polysaccharides with warming. Furthermore, the substrates which 

were used in the coldest stream were mostly amino acids and carbohydrates. Both 

amino acids and mono- and disaccharide carbohydrates are easily assimilated by 

microbes (Jones and Hodge, 1999; Jeckelmann and Erni, 2020), providing additional 

support for the use of labile substrates in cold environments.  

3.5.6 | Conclusions 

Warming had inconsistent effects on the diversity, abundance of freshwater microbial 

communities. Microbial species richness and β-diversity responses to warming did 

not exhibit a clear singular trend between microhabitats, demonstrating the 

importance of spatial environmental heterogeneity. To account for environmental 

heterogeneity, these findings indicate the importance of sampling the microbial 

communities from more than one microhabitat when assessing the effects of climate 

warming on a singular system. Furthermore, this study indicates that microbes living 

in a biofilm might be buffered from some of the negative effects of warming, 

potentially benefitting from cooperation. This resonates earlier work suggesting 
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biofilms are a good bioindicator for the health of freshwater ecosystems (Montuelle 

et al., 2010). Although, this study also highlights the complexity of natural systems 

where the presence of strong biotic interaction, such as trophic cascades and 

competition from bryophytes, could influence measures used for bioindicator health. 

Therefore, there is a need for field experiments to better quantify the indirect effect 

of warming (through biotic interactions) on microbial community composition, while 

maintaining a degree of realism. Unlike OTU richness and β-diversity, the functioning 

of the pelagic microbial community (as determined by the use of 6 biochemical 

substrate groups) exhibited a consistent positive trend with increasing temperatures, 

indicating microbial community functioning underpinned by metabolic and 

physiological pathways have predictable responses to warming. 

Finally, studies which seek to assess bacterial richness from a field survey approach 

should consider sampling at multiple times throughout the day. Multiple sampling 

times will decrease the likelihood of obtaining an erroneous result which may have 

arisen from a temporary point disturbance. A singular sampling point leaves the study 

vulnerable to outliers, ultimately skewing data and obtaining false-positive or false-

negative trends. Such rigorous sampling is not required if eukaryotes are being 

observed, however, further research needs to be conducted on other microbes, such 

as archaea to determine the variability in community dynamics, across time.  
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Chapter 4   

One size does not fit all: The effects of warming on developing 

freshwater biofilms are context-dependent 

 

4.1 | Abstract  

The majority of research on freshwater microbial diversity has been conducted on 

systems unaffected by anthropogenic stressors. Yet, most of the Earth’s freshwaters 

are impacted to varying degrees by both anthropogenic and natural stressors. In light 

of global climate change, understanding the effects of warming on microbial diversity 

in stressed, natural systems is of pivotal importance. Using an experimental-flume 

mesocosm system, we investigated the effects of warming (ambient and +4°C) on 

assembling biofilm communities, across a catchment gradient. To assess the 

simultaneous effects of warming and catchment impact, we measured the 

abundance, OTU richness and community composition of both bacterial and micro-

eukaryotic communities on newly placed tiles over 14 days. Our results showed the 

biofilms established from unimpacted catchment sediments were less diverse than 

the biofilms colonised from impacted catchment sediments. Furthermore, 

unimpacted biofilm communities were more dissimilar between temperature 

treatments than the impacted biofilms. This study highlights the need for further 

research on freshwater microbial communities from systems stressed by 

anthropogenic pressures, as their responses to warming might drastically differ to 

those of unimpacted systems. 
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4.2 | Introduction 

The microorganisms which comprise biofilms form the greatest abundance of 

microbial life in running waters (Geesey et al., 1978). Yet, we lack understanding of 

how climate warming will affect these communities. The majority of freshwater 

climate warming research to date, has largely focused on pristine systems (Beisner 

et al., 1997; O’Gorman et al., 2012; Freixa et al., 2017). Yet, a plethora of 

anthropogenic pressures are simultaneously impacting freshwater ecosystems and 

biodiversity (Birk, 2019). In particular, running waters draining urban or agricultural 

land are heavily impacted by pollutants such as nutrients, (nitrogen and 

phosphorous) as a result of fertilisers in surface runoff and sewage in wastewater 

outflows (Paul and Meyer, 2001; Buck et al., 2004; Taylor et al., 2004). In 2014, the 

number of people living in urban areas was 54% of the global population (Zhang, 

2016). Additionally, approximately 40% of the Earth’s land surface is agricultural land  

(Foley et al., 2005). As a result, running waters and their catchments are currently 

under high stress from altered land use and nutrient enrichment, leading to reduced 

water quality (Woodward et al., 2012), which in turn impacts freshwater microbial 

diversity and abundance (Garrido et al., 2014).  

Similar to temperature (see Chapter 3), nutrient enrichment in freshwaters is known 

to alter microbial community structure and composition (Jankowski et al., 2014; 

Newton and McLellan, 2015; Kiersztyn et al., 2019). The land use within catchments 

directly influences the concentration of nutrients in running waters (Walsh et al., 

2005). Increases in species richness with energy availability (i.e. nutrient enrichment) 

are often observed in natural systems (e.g. Newton and McLellan, 2015), however, 

a consensus on the processes driving this pattern has not yet been reached. One of 

the most popular explanations is the “More Individuals Hypothesis” (MIH; Srivastava 

and Lawton, 1998). The MIH dictates that the number of individuals within a site 

increases with energy availability, therefore, species richness also increases as it 
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correlates with abundance (Bock et al., 2007; Storch et al., 2018). Likewise, warming 

increases growth rates, thus, also increasing microbial abundances. In Chapter 3, we 

saw how warming impacts mature biofilm communities in pristine freshwaters, 

however, there is a need to understand how warming will affect these communities 

under non-pristine conditions (i.e. nutrient rich environments located within urbanised 

catchments). 

The aim of this study is to determine whether the impacts of warming on developing 

biofilm communities, is universal between streams located within catchments that are 

impacted or unimpacted by land use and nutrient enrichment. We collected sediment 

from six streams across the Oslo river basin, spanning an urbanisation gradient. We 

seeded running water mesocosms with sediment from each of these streams and 

subjected them to an ambient or a warming (+4°C) treatment. We then placed sterile 

ceramic tiles on top of the sediment and destructively sampled them over the course 

of 14 days to assess biofilm community assembly. Specifically, this study addresses 

the following hypotheses: 

H1a: Microbial richness will be increased in the +4°C treatment as biofilm formation 

will occur at faster rates, thus increases the chance of novel species 

colonising the tiles.  

H1b: Microbial richness will be higher on tile colonised by sediment microbes from 

impacted streams. 

H2:  Biofilm communities will be more dissimilar between treatments (ambient and 

+4°C) when they were colonised by sediment microbes from unimpacted 

streams. 
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4.3 | Methods  

4.3.1 | Study sites  

The six streams in this study span an urbanisation gradient within the Oslo river basin, 

Norway (Fig. 4.1). The streams located in the centre of Oslo (Maerradalsbekken, 

Makrelbekken and Gaustadbekken) have catchments which are almost solely 

covered by urbanised land. Alna is located on the outskirts of Oslo and has a smaller 

percentage of urbanised catchment, and both Frognerelva and Skadalsbekken have 

very little urbanised land use within their catchments. Rather, these streams are 

located within catchments that are dominated by forests. Gaustadbekken flows into 

Frognerelva, therefore, even though Frognerelva does not have an urbanised 

catchment, it is influenced by a stream which does. Skadalsbekken, on the other 

hand, is the northern most stream and is not impacted by the other streams.  

The water quality of each stream is affected by different stressors depending on the 

dominant land use within each catchment. The majority of allochthonous inputs into 

the streams located in the centre of Oslo are largely derived from surrounding green 

areas (Nordeidet et al., 2004). However, runoff containing fertilisers and pesticides 

from agricultural land and urban wastewater outflows are also likely sources of 

nutrients (Smith et al., 1999; Caporgno et al., 2015). Nutrient concentrations in water 

columns is a good measure of water quality as nitrogen and phosphorous are key 

determinants of algal biomass (Hecky and Kilham, 1988), while organic carbon 

greatly affects bacterial biomass (Eiler et al., 2003).  
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Fig. 4.1 A map of the source streams within the Oslo river basin. The six streams in 

this study span an urbanisation gradient. Maerradalsbekken, Makrelbekken, 

Gaustadbekken are in the centre of Oslo, thus, they have the most urbanised 

catchments. Alna is on the outskirts of Oslo with a catchment that is split between 

urban and forest land use and the catchments of Frognerelva and Skadalsbekken 

are both mostly dominated by forest with minimal urban land use.    

4.3.2 | Experimental design and sampling 

The experiment was run throughout October 2018 in twelve open-air, flume 

mesocosms at the Norwegian Institute of Water Research’s (NIVA) Sobergstand 

Experimental Facility (59°36’56.8”N, 10°39’10.2”E) in Drøbak, Norway. The 

mesocosms measured 10 m in length, 0.5 m in width and 0.5 m in depth (Fig 4.2). 

Each flume mesocosm was fed with groundwater to a depth of 0.1 m, 24 hours prior 

to the start of the experiment to allow the water to reach the experimental 

temperatures. The water in each mesocosm was recirculated for the duration of the 
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experiment and topped up with fresh groundwater if the depth fell below 0.1 m, 

preventing the trays from being unsubmerged. Riverbed sediment from each stream 

was collected and the experiment set up on the same day, minimising undesired 

changes to the microbial community as a result of disturbance and stress. To avoid 

anoxic sediment, the top two cm of riverbed sediment was sampled from each stream 

using a shovel, and an 8 L plastic bucket was filled. Prior to sampling, buckets and 

lids were cleaned with 1% Virkon (Thermo Fisher Scientific Inc), and between 

sampling sites, fieldwork equipment was also disinfected to minimise cross-

contamination. Once sediment had been transported back to the Sobergstand 

Experimental Facility, it was homogenised and split between two metal trays (38 x 8 

x 24 cm). To reduce stratification and ensure uniform sediment consistency across 

replicates, each tray was filled sequentially, receiving two instalments of 400 g, 

followed by a final 200 g, for a total of 1 kg. On top of the sediment, twenty-one sterile, 

unglazed 2 cm2 ceramic tiles (Mosaic Supplies, UK) were randomly placed, face 

upwards. Unglazed ceramic tiles are commonly used for studying biofilm formation, 

as they provide a good substrate for attachment (Cardinale et al., 2002; Battin et al., 

2003; Shurin et al., 2012). Trays with sediment from the same stream were subjected 

to two temperature treatments, ambient (13°C) and warmed (17°C). Therefore, the 

flume mesocosms were paired, receiving sediment from the same stream but 

differing in their warming treatment, while each pair of mesocosm differed only in their 

sediment. A warming treatment of +4°C above ambient falls in line with warming 

predictions for the end of the century (IPCC, 2014).  

To capture the formation of a biofilm, tiles were destructively sampled on days 1, 2, 

4, 7, 11 and 14 of the experiment. Three tiles were randomly sampled using an A4 

quadrat (21 x 30 cm; split into 3.8 x 3.8 cm squares). Sampling was more frequent at 

the start of the experiment to capture the beginning of community assembly. Each 

tile was placed into a 50 ml falcon tube and stored at -20°C.  
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Fig. 4.2 Diagram detailing the format of each flume mesocosm and their dimensions. 

Flumes were filled with groundwater 24 hours prior to the addition of sediment trays 

to allow the water to warm to the desired temperature. This water was recirculated in 

the flume for the duration of the experiment and topped up with fresh groundwater if 

the water level fell below 0.1 m. In total there were 8 pairs of flume mesocosms (n = 

16). Each pair received a sediment tray from the same source stream but differed in 

temperature (ambient, 13°C; warmed, 17°C). 

4.3.3 | Water chemistry and land use 

Water chemistry variables from all streams were recorded during August 2018, 

except BOD5 measurements which were obtained in May 2018 (Table. 4.1). Point 

measurements for conductivity and pH were taken from each stream using a Hach 

HQ40d Portable Multi-Parameter Meter. Surface water was collected using two 1 L 

polyethylene bottles and kept cool and dark. Upon return to the laboratory, the water 

from one of the 1 L bottles was immediately processed for BOD5 following the 

methods outlined by (Delzer and Mckenzie, 2015). The second 1 L bottle of stream 

water was used for nutrient analyses. First, the water was filtered using PES syringe 

0.45 µm filters (Gilson) and frozen at -20°C. Samples were analysed for: total organic 

carbon (TOC), ammonium (NH4
+), nitrate (NO3

-), total nitrogen (TN) and total 

phosphorous (TP). Analyses were undertaken at NIVA according to the following 

Norwegian⁄European standards (NS – Norwegian Standard 4725 (1984): TP; NS – 

Norwegian Standard 4743 (1993): TN; NS – Norwegian Standard 4745 (1991), NO3
-
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; NS/EN 1484 (1997): TOC). Finally, NH4
+ was analysed according to the methods 

outlined by Kérouel and Aminot (1997). The percentage land use within the 

catchment of each stream was obtained from the CORINE Land Cover inventory 

(Bossard et al., 2000). The categories of land use identified by the CLC inventory 

were forest (broad-leafed, coniferous and mixed), arable (arable crops), natural 

(clear-felled forest, young forest), urban (continuous, discontinuous and solitary 

housing), water (lake, ponds and open water) and other (golf course, parks, dumps, 

sand pits, railways). 

4.3.4 | Molecular methods 

4.3.4.1 | DNA Sequencing 

Tiles were thawed at 4°C for one hour. Sterile paddle cotton buds were used to 

sample tile biofilms, sampling was standardised to eight sweeps of the top and 

bottom of each tile. Cotton buds were transferred to a bead beating tube using sterile 

forceps and scissors. DNA was extracted using methods outlined in Chapter 2. DNA 

was eluted in 100 µl of EB Buffer (Qiagen) and stored at -20°C. Library preparation 

and bioinformatics methods are also outlined in Chapter 2. 

4.3.4.2 | qPCR analysis 

All samples and standards were run in triplicate and nine no template controls (NTCs) 

were included on each plate. Copy numbers were quantified using standard curves 

(16S, R2 = 0.98, efficiency = 84.3%; 18S, R2 = 0.99, efficiency = 104.4%) in CFX 

MANAGER software (Bio-Rad Laboratories).  
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Table 3.1 Mean water chemistry values and catchment land use for each source stream in August 2018. Water chemistry variables 

measured were: Total organic carbon (TOC), ammonium (NH4
+), nitrate (NO3

-), total nitrogen (TN), total phosphorous (TP), biochemical 

oxygen demand (BOD5), conductivity and pH. Catchment land use was categorised into six different types of land use: forest (broad-

leafed, coniferous and mixed), arable (arable crops), natural (clear-felled forest, young forest), urban (continuous, discontinuous and 

solitary housing), water (lake, ponds and open water) and other (golf course, parks, dumps, sand pits, railways). 

Stream pH 
TOC 

(mg/L) 
NH4

+ 

(mg/L) 
NO3

- 

(mg/L) 
TN 

(mg/L) 
TP 

(mg/L) 
BOD5 
(mg/L) 

Conductivity 
(mS/m) 

Forest 

(%) 

Arable 

(%) 

Natural 

(%) 

Other 

(%) 

Urban 

(%) 

Water 

(%) 

Frognerelva 7.8 6.6 0.0 0.9 1.2 0.1 0.6 108.8 83.5 4.0 0.0 1.0 8.5 3.0 

Skadalsbekken 7.0 5.1 0.0 0.6 0.7 0.0 0.2 35.5 89.3 0.0 2.0 1.0 7.7 0.0 

Makrelbekken 8.1 5.9 0.0 1.4 1.9 0.1 2.1 367.0 9.0 0.0 0.0 10.5 80.5 0.0 

Maerradalsbekken 8.1 5.0 0.0 1.5 1.8 0.1 0.8 258.0 8.0 0.0 0.0 22.5 69.5 0.0 

Alna 8.1 5.2 0.2 1.0 1.5 0.1 0.7 322.0 34.0 0.0 1.0 16.0 48.0 1.0 

Gaustadbekken 8.1 2.8 0.1 1.2 1.6 0.1 0.8 552.0 4.0 1.0 0.0 16.0 79 0.0 
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4.3.5 | Statistical Analyses 

4.3.5.1 | Catchment Impact 

Principal component analysis (PCA) was conducted on the water chemistry and land 

use data (Table. 4.1). The 14 variables were reduced into the single variable, 

catchment impact, by extracting the PC1 scores for each stream. Performing 

dimensionality reduction avoids statistical errors associated with multiple tests and 

non-independent variables.  

4.3.5.2 | Sequence data 

First, bioinformatics analyses were performed as outlined in Chapter 2. To avoid 

biases associated with unequal sequencing depths across samples, the 16S OTU 

table was rarefied to 20,000 sequences and the 18S OTU table to 7,000 sequences. 

Rarefaction curves were generated to determine the number of sequences each OTU 

table was rarefied to (Fig. S4.1). OTUs identified as class Chloroplast were removed 

from the 16S OTU table to remove micro-eukaryote contamination (0.5% of total 

sequence reads). The metazoan classes Echinodermata, Bryozoa, Mollusca, 

Arthropoda, Annelida and Craniata were removed from the 18S database as they 

contained only macrobiota and we wanted to ensure analyses were conducted only 

on the single-celled micro-eukaryotic community. 

OTU richness averaged across all days and both treatments were modelled as a 

quadratic function of catchment impact, using negative binomial generalised linear 

models (GLMs). By using a generalised model, biases associated with 

transformations were prevented (O’Hara and Kotze, 2010). Linear mixed effect 

models (LMMs) were used to assess the effects of treatment (ambient and +4°C) and 

catchment impact on the OTU richness of both the bacterial and micro-eukaryotic 
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communities. In both models, day was included as a random effect and treatment 

and catchment impact as fixed effects.  

To assess differences in community composition, a distance matrix using the Jaccard 

Index was calculated and visualised with nonmetric multidimensional scaling 

(NMDS). To test for differences in biofilm community composition across the 

catchment gradient and between treatments, permutational multivariate analysis of 

variance (PERMANOVA) on the distance matrix was carried out with 10,000 

permutations. Furthermore, Kruskal-Wallis tests were performed to test whether the 

community dissimilarity between the two treatments differed across the catchment 

gradient. 

Finally, differences in gene abundances were modelled using LMMs with treatment, 

catchment impact and their interaction as fixed terms and day as a random effect. 

Gene copy numbers were log transformed to approximate a normal distribution. All 

analyses were conducted in the R statistical language (R Development Core Team, 

2019), using the following packages: ‘vegan’ (Oksanen et al., 2019), ‘MASS’ 

(Venables and Ripley, 2002), ‘ggplot2’ (Wickham, 2016), ‘tidyverse’ (Wickham et al., 

2019) and ‘nlme’ (Pinheiro et al., 2019). 
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4.4 | Results 

4.4.1 | Catchment impact  

Principal component analysis (PCA) extracted two main components (PC1 and PC2) 

which respectively accounted for 81.99% and 12.18% of the variability in the water 

chemistry and catchment land use data (Fig. 4.3). We extracted PC1 values for each 

stream to create the new variable, catchment impact. PC1 revealed that 

Gaustadbekken had the most urbanised catchment, closely followed by 

Maerradalsbekken and Makrelbekken. On the other hand, the catchment for 

Skadalsbekken had little impact from nutrient enrichment and urbanisation. Thus, we 

consider Skadalsbekken to be unimpacted, relative to the remaining streams in this 

study. 

 

 

Fig. 4.3 A biplot of principal component analyses (PCA) on water chemistry variables 

and catchment land use across the six sediment source streams (streams the 

sediment was collected from). The water chemistry variables shown on the biplot are 
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total organic carbon (TOC), total phosphorous (TP), total nitrogen (TN), ammonium 

(NH4), nitrate (NO3), biochemical oxygen demand (BOD5), pH and conductivity. 

Land use within each catchment was categorised as forest (broad-leafed, coniferous 

and mixed), arable (arable crops), natural (clear-felled forest, young forest), urban 

(continuous, discontinuous and solitary housing), water (lake, ponds and open water) 

and other (golf course, parks, dumps, sand pits, railways). Each circle represents a 

source stream in ordination space. PCA loadings for all water chemistry and land use 

variables are indicated by a black arrow. The PC1 scores for each stream are 

reported in the top left corner. These scores were extracted to create the new 

variable, catchment impact. Negative PC1 values are indicative of the streams which 

are less impacted by human activity and are representative of more natural streams. 

4.4.2 | OTU richness 

As to be expected for a developing biofilm, OTU richness of both the bacterial and 

micro-eukaryotic community changed over time (Fig. 4.4). While bacterial community 

richness increased in a fairly positive linear manner, micro-eukaryotic richness 

typically increased over the first four days before stabilising or decreasing (Fig 4.4). 

Treatment significantly affected bacterial richness, with the warmed treatment 

exhibiting higher species richness in comparison to the ambient treatment (Fig 4.5; 

LMM; χ2 = 5.77, df = 1, P = 0.02), and there was no effect of warming on micro-

eukaryotic richness (LMM; χ2 = 0.01, df = 1, P = 0.91). The greatest amount of 

variation in the bacterial and micro-eukaryotic richness of the developing biofilms was 

explained by catchment impact (Fig. 4.4; LMM; 16S, χ2 = 51.47, df = 1, P < 0.001; 

18S, χ2 = 34.76, df = 1, P < 0.001). Furthermore, there was no significant interactive 

effect between nutrients and treatment on either bacterial or micro-eukaryotic 

richness (LMM; 16S, χ2 = 0.37, df = 1, P = 0.54; 18S, χ2 = 0.76, df = 1, P = 0.38). 

Upon averaging over both temperature treatments, the OTU richness of both the 

bacterial and micro-eukaryote community exhibited a unimodal hump shape with 
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increasing catchment impact (Fig. 4.5). OTU richness, therefore, significantly 

responded to the quadratic catchment impact term (GLM; 16S, F1,68 = 44.55, P < 

0.001, 18S, F1,77 = 29.18, P < 0.001).  

 

Fig. 4.4 OTU richness of the 16S rRNA gene (top) and the 18S rRNA gene (bottom) 

from tile biofilms, across time and under two temperature treatments (ambient, 13°C; 

warmed, 17°C). The data are facetted by the sediment source stream and ordered 

left to right by their catchment impact scores. Skadalsbekken had the least impacted 

catchment and Gaustadbekken had the most impacted catchment.  
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Fig. 4.5 The bacterial and micro-eukaryotic OTU richness of developing tile biofilms. 

Tiles were colonised from the sediment collected from streams in Oslo, Norway. The 

catchments of each stream were impacted by varying degrees from human activity 

(nutrient enrichment and land use). Data shown are averages over both treatments 

(ambient and warming) and across all days (1-14). Both plots indicate a quadratic 

relationship between bacterial and micro-eukaryote OTU richness and catchment 

impact. 

4.4.3 | Bacterial and micro-eukaryote abundances 

Gene abundances of both the 16S and 18S rRNA genes differed across time, 

although, after 24 hours the micro-eukaryotes appeared to have reached carrying 

capacity as their abundance did not increase for the rest of the experiment (Fig. 4.6). 

On the other hand, bacterial abundances were more variable (Fig. 4.6). There were 

no differences in 16S gene copy numbers between the two treatments, although 

catchment impact significantly affected 16S gene abundances on the tiles (LMM; χ2 

= 38.68, df = 1, P <0.001). Conversely, the 18S rRNA gene copies were significantly 

affected by both treatment and (LMM; χ2 = 3.96, df = 1, P = 0.046) catchment impact 

(LMM; χ2 = 17.39, P <0.001), and by the interaction between them (LMM; χ2
 = 3.91, 

P = 0.048). These responses were likely driven by biofilms developing on sediment 
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from Skadalsbekken in the ambient treatment and by the delay in biofilm formation 

on the tiles colonised by Alna sediment (Fig. 4.6).  

 

Fig. 4.6 Abundance of the 16S rRNA gene (top) and the 18S rRNA gene (bottom) 

from tile biofilms, across time and under two temperature treatments (ambient, 13°C; 

warmed, 17°C). The data are facetted by the sediment source stream and ordered 

left to right by their catchment impact scores. Skadalsbekken had the least impacted 

catchment and Gaustadbekken had the most impacted catchment.  
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4.4.4 | Community Composition 

Our results indicated that as catchment impact increased, bacterial and micro-

eukaryotic community composition of the developing biofilms became more similar 

between the two treatments (ambient and +4°C; Fig. 4.7). NMDS analyses indicated 

bacterial and micro-eukaryotic communities from the developing biofilms clustered 

by catchment impact, with the unimpacted stream (Skadalsbekken) clustering 

separately to the impacted streams (Fig. 4.7). PERMANOVA analysis confirmed the 

singular effects of catchment impact and treatment on both bacterial and micro-

eukaryotic community composition (catchment impact: 16S, F1,66 = 8.20, R2 = 0.10, P 

< 0.001; 18S, F1,78 = 6.44, R2 = 0.07, P < 0.001, Treatment: 16S, F1,66 = 2.00, R2 = 

0.03, P = 0.01; 18S, F1,78 = 2.26, R2 = 0.03, P < 0.01). Furthermore, treatment and 

catchment impact had a significant interactive effect on both bacterial and micro-

eukaryote community composition (16S, F1,66 = 2.03, R2 = 0.03, P < 0.01; 18S, F1,78 = 

1.79, R2 = 0.02, P = 0.02). Kruskal-Wallis tests indicated that the degree to which 

communities were dissimilar between ambient and warming treatments was 

consistent across the catchment gradient (16S, χ2 = 4.20, df= 5, P = 0.52; 18S, χ2 = 

4.11, df= 5, P = 0.53). 
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Fig. 4.7 Community dissimilarity of developing biofilms colonised by sediment sample 

from streams spanning a catchment gradient and subjected to two temperatures, 

ambient and +4°C. Non-metric multidimensional scaling (NMDS) analysis of the 

bacterial biofilm communities (top left) and the micro-eukaryotic biofilm communities 

(bottom left). Each point represents a microbial community. Points closest together 

indicate similar community compositions, while those further apart are more 

dissimilar. Communities appear to cluster by stream, clearly showing separation of 

the stream with the least impacted catchment (Skadalsbekken) from the remaining 

streams. The boxplots indicate how dissimilar the bacterial (top right) and micro-

eukaryotic (bottom right) communities were between treatments (ambient and 

warmed) for each stream. The boxplots are ordered by catchment impact, moving 

from the stream with the lowest impacted catchment (Skadalsbekken), to the stream 

with the most impacted catchment (Gaustadbekken).  
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4.5 | Discussion 

The impacts of warming on microbial species richness and community composition 

of developing biofilms were assessed across a catchment impact gradient in Oslo, 

Norway. Catchment impact appeared to be a greater determinant of microbial 

richness and community composition in developing biofilms than warming. 

Additionally, the micro-eukaryotic abundance and community composition appeared 

more sensitive to the impacts of warming than the bacterial communities. However, 

warming had a greater effect on bacterial OTU richness. 

4.5.1 | Species richness of developing biofilms  

The effects of warming on the bacterial species richness of developing biofilms were 

consistent across the different catchments. Warming increased bacterial richness of 

all biofilms except those colonised by sediment from the unimpacted catchment 

(Skadalsbekken). We also expected OTU richness to increase with catchment 

impact. This suggests that warming of 4°C may not affect bacterial richness unless it 

is coupled with increased catchment impact, which in this study was greatly 

comprised of nutrient enrichment (Ren et al., 2017). One reason for this could be that 

when nutrients are abundant, bacteria can change their membrane lipid composition 

in order to acclimate to stressful temperatures (Van De Vossenberg et al., 1999; see 

Chapter 1). These changes require synthesis of new lipids which is energetically 

costly (White, 2000). Therefore, in nutrient limiting conditions thermal acclimation 

might not take place.  

Unlike the bacterial community, we found no effect of temperature on the micro-

eukaryotic OTU richness, indicating bacterial richness was more sensitive to warming 

than micro-eukaryotic richness. Micro-eukaryotic OTU richness was solely affected 

by catchment impact. Micro-eukaryotic richness of developing biofilms initially 

increased with time and then either plateaued or declined. A loss of species from the 
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community during colonisation could be indicative of ecological succession, whereby, 

the community progresses from early colonisers to mature communities (Pielou, 

1966). Invasions by secondary colonisers can result in facilitation by one or more the 

following: construction of new niches by the first colonisers, (Odling-Smee et al., 

2013) use of waste products for growth (Lawrence et al., 2012) and production of 

digestive enzymes (Allison, 2005). On the other hand, secondary colonisers can have 

negative effects on richness through competitive exclusion (Oliveira et al., 2015) or 

predation (Meyer and Kassen, 2007). When facilitation is more dominant, richness 

typically increases until other factors exert greater pressures (e.g. abiotic fluctuations 

and niche availability), at which point richness plateaus or decreases (Cavieres and 

Badano, 2009; Ezard and Purvis, 2016). However, when negative species 

interactions prevail, richness falls as taxa are out-competed or predated to extinction 

(James et al., 1995). The fact that this bell-shaped response in the micro-eukaryotic 

community is exhibited on tiles colonised by microbes from every source stream, 

regardless of temperature, is further evidence that ecological succession is prominent 

in assembling biofilm communities (Mouquet et al., 2007). 

4.5.2 | Bacterial and micro-eukaryote abundances 

The abundance of bacteria increased from the beginning to the end of the 

experiment, although, the increase was not linear. Rather, bacterial abundances 

exhibited periodic declines, likely due to predation by heterotrophic micro-eukaryotes, 

which are secondary colonisers (Derlon et al., 2012). Another study found warming 

did not affect the biomass of bacteria in freshwater mesocosms, rather the availability 

of nutrients had a positive effect on bacterial abundance (Özen et al., 2013). This 

was similar to our study where the lowest bacterial abundances were observed on 

tiles colonised by sediment microbes from the unimpacted stream (Skadalsbekken, 

which had the lowest concentrations of total nitrogen and total phosphorous. The 

abundance of micro-eukaryotes was fairly consistent throughout the course of the 
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experiment. However, colonisation of the tiles from the unimpacted sediment did not 

occur until day seven in the ambient treatment, yet in the warming treatment, 

colonisation had occurred after 24 hours. Therefore, in systems representative of 

more “pristine” conditions,  the micro-eukaryotic component of biofilm communities 

may re-establish faster after disturbances in a warming world (Villanueva et al., 

2011).  

4.5.3 | Community composition 

Temperature is a known deterministic driver of community composition (Guo et al., 

2018). In our study, warming altered the community composition of the bacterial and 

micro-eukaryotic communities. Furthermore, warming appeared to have more of an 

impact on colonising bacterial biofilms when they were colonised by microbes from 

unimpacted sediments. Thus, bacterial biofilm communities appear to be more similar 

despite warming, when catchments are impacted by nutrient enrichment and 

urbanised land use. This would suggest the effects of warming on the composition of 

these biofilms are dependent upon the conditions previously experienced by the 

source communities (Feckler et al., 2018). As a result, it is expected that climate 

warming will interact with other abiotic variables in shaping microbial community 

composition (Piggott et al., 2015). 

The community compositions of biofilms colonised from streams within impacted 

catchments were more similar than those colonised from the unimpacted stream 

(Skadalsbekken), demonstrating similar species are selected for as a result of the 

anthropogenic stressors imposed at the catchment level (e.g. nutrient enrichment; 

Grossart et al., 2008). Furthermore, the patterns observed in both bacterial and 

micro-eukaryotic community composition were largely the same. This could be a 

result of the close relationship between bacteria and micro-eukaryotes, whereby, a 

shift in composition by one community leads to changes in the other. For example, 
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one of the main sources of inorganic carbon for bacterial growth is algal exudates 

(Gu and Wyatt, 2016). Bacterial community composition may, therefore, be altered 

in response to the exudates produced, which in turn are a product of the micro-algae 

present in the community (Kent et al., 2006). Furthermore, predation of the bacterial 

community from heterotrophic micro-eukaryotes could also account for the similar 

patterns in community composition. Many micro-eukaryotic predators are size-

selective, therefore abundant micro-eukaryotic species may act in shaping bacterial 

community composition through selective grazing (Batani et al., 2016).  

4.5.4 | Limitations and conclusions    

While the sediment source streams in this study spanned a catchment impact 

gradient within the city of Oslo, there was only one stream which was unaffected by 

the stressors which contributed to catchment impact (nutrient enrichment and land 

use). Additional studies comparing biofilm communities from multiple “pristine” 

streams would solidify the findings from this study. Furthermore, we assessed the 

impacts of one other anthropogenic stressor alongside warming (catchment impact), 

yet, freshwaters experience multiple stressors simultaneously. For example, the most 

highly polluted stream in this study is known to be contaminated from heavy metal 

runoff from highways and streets (Nordeidet et al., 2004). Heavy metals are important 

determinants of microbial community composition, selecting for species able to 

tolerate increased concentrations of metals such as copper, cadmium and lead (Du 

et al., 2018). Therefore, heavy metals would likely account some of the differences 

in bacterial and micro-eukaryotes species richness and community composition 

across the streams in this study and should be included when generating catchment 

impact in the future. 

Overall, we found that micro-eukaryotic communities were more sensitive to warming 

than bacterial communities. Under the stressor of warming, biofilm formation differed 
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across streams spanning a catchment gradient. Ultimately, this could lead to trophic 

mismatches, disrupting the flow of energy through freshwater food webs. Research 

on species interactions within freshwater biofilms focuses greatly on competition and 

facilitation but few studies assess the effects of environmental variables on these. 

The results from this study highlight the need to assess how multiple stressors may 

affect species interactions within freshwater biofilms.  
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Chapter 5   

 
Species interactions are more important than environmental 

filters when shaping bacterial communities 

 

5.1 | Abstract 

Temperature can alter bacterial communities through direct physiological effects at 

the individual level and through indirect effects by altering biotic interactions. Yet, it 

is difficult to assess whether the direct or indirect effects play a greater role in shaping 

complex freshwater bacterial communities. In this study, we subjected diverse 

bacterial communities to three temperatures (15°C, 20°C, 25°C) for 5 days, in the 

presence and absence of a protozoan predator, Tetrahymena sp., and measured 

bacterial abundance, OTU richness and community composition. We found that in 

the absence of a predator, temperature did not affect bacterial richness, however, it 

did make bacterial communities more similar in the 25°C treatment compared to the 

15°C and 20°C treatments. We found there was a large, indirect effect of temperature 

on bacterial community composition through altering predator-prey interactions. This 

study suggests that temperature, in the absence of predation, is not a strong 

environmental filter shaping bacterial communities. Rather, the effects of temperature 

were indirectly imposed on bacterial communities by altering biotic interactions. 

Without considering the indirect effects of temperature, the physiological impacts of 

environmental variables may be falsely identified as the key factors determining 

freshwater microbial diversity.  
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5.2 | Introduction 

Global warming is known to drive changes in microbial species richness, community 

composition and abundance (see Chapters 3 and 4). Yet, the mechanisms driving 

these changes are relatively unknown, despite the fact ecologists have been trying 

to understand the processes shaping communities since the early 20 th century 

(Clements, 1916). Niche theory has been prominent in the literature and dictates that 

community processes are deterministic and largely driven by the environment 

(Vandermeer, 1972). Therefore, any changes to abiotic variables result in 

environmental filtering, whereby, the taxa present in the community are those which 

occupy a specific niche within the environment, reducing interspecific competition 

between taxa within the same community (Weiher and Keddy, 1995; Ives et al., 

1999). While niche theory has been prominent in the literature, neutral theory has 

gained attention over the past two decades (Fargione et al., 2003; McGill et al., 2006). 

Neutral processes are those which are governed entirely by stochastic processes, 

such as dispersal and birth and death rates (Sloan et al., 2006). The majority of 

research has found the deterministic processes underlying niche theory are the main 

driver of community structure, diversity and composition, and that stochastic 

processes governed by neutral theory also play important roles, although secondary 

to the deterministic forces (Dumbrell et al., 2010; Ren et al., 2017). 

As global warming continues to threaten biodiversity, gaining a better understanding 

of how temperature affects microbial patterns and processes is of pivotal importance. 

Yet, recent studies have expressed concerns about measuring the impact of 

environmental filters (e.g. temperature) as they are difficult to distinguish from biotic 

interactions (e.g. predation and competition; Cadotte and Tucker, 2017). 

Temperature is particularly problematic as it affects biotic interactions by altering 

species metabolic, growth and feeding rates (Brown et al., 2004). For example, 

warming is predicted to increase the feeding rates of predators, which in turn could 
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lead to a decrease in prey richness due to a higher chance taxa will be lost from the 

community (Chase et al., 2009; Sentis et al., 2012). Furthermore, changes to 

biological rates could lead to taxa mismatches as temperature affects taxa differently 

(Pawar et al., 2015). For example, previous studies have found that at higher 

temperatures, predator-prey interactions become destabilised, which in turn affects 

community dynamics (Beisner et al., 1997; Rall et al., 2010). Temperature also has 

indirect effects on microbial communities through altering biotic interactions (Classen 

et al., 2015), but to date, these have not been assessed in complex bacterial 

communities. Statistical approaches applied to environmental microbial samples can 

infer species interactions within a community through correlations (Faust and Raes, 

2012). However, it is hard to determine whether the loss of taxa co-occurrences is 

due to the direct or indirect effects of temperature. Instead, simplistic communities in 

laboratory experiments are often used to build and test theoretical models (Rall et al., 

2010; Fussmann et al., 2014; Daugaard et al., 2019). Yet, controlled laboratory 

experiments are often criticised for not representing the diverse microbial 

communities occurring in natural systems (Carpenter, 1996).  

In this study, we utilised molecular methods to assess the direct and indirect effects 

of temperature on a complex bacterial community. We measured the abundance, 

richness and community composition of bacterial communities in the presence and 

absence of a protozoan predator, Tetrahymena sp., across three temperatures. We 

propose the following hypotheses:   

H1: In the absence of a predator, bacterial richness will increase with warming, 

but in the presence of a predator, bacterial richness will decrease with 

warming. Increased demands for energy at warmer temperatures will cause 

Tetrahymena sp. to feed and grow more rapidly, which may increase the 

strength of interactions (Vasseur and McCann, 2005). Therefore, the 

possibility a taxon is either randomly (e.g. extinction events) or 
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deterministically (e.g. preferential size feeding) lost from the community 

increases.  

H2: Temperature will have a deterministic effect on bacterial community 

composition in both the presence and absence of a predator. However, 

temperature will be a stronger environmental filter in the presence of a 

predator.  
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5.3 | Methods 

5.3.1 | Tetrahymena sp. isolation, culturing, molecular analyses and 

bioinformatics 

Macrophyte samples were collected from mesocosms in May 2018 from the 

Freshwater Biological Association River Laboratory in East Stoke, Dorset, UK (N 

50°40'; W 2°11') to isolate protozoa for stock collections. Macrophytes are hotspots 

for protozoa as they provide oxygen, substrates and refuge (Yeates and Esteban, 

2014). From each mesocosm, a sample of macrophytes was taken and added to a 

50 ml falcon tube filled with 30 ml of surface water from the same mesocosm. 

Macrophyte samples were taken back to the University of Essex on the same day 

and processed immediately. 

5.3.1.1 | Isolations and culturing 

Macrophyte samples were filtered through 23 µm filter paper (Whatman Grade 541, 

Hardened Ashless Filter Paper) to exclude debris, plant material and large micro-

eukaryotes. Dilution series were performed at a 1:1 ratio between the filtrate and 

proteose peptone media (PP; 1 g l-1 proteose peptone (Oxoid L85), 0.02 g l-1 

MgSO4·7H2O, 0.02 g l-1 K2HPO4, 0.2 g l-1 KNO3). Each dilution was performed in 

triplicate and incubated at 20°C (Fig. 5.1). Dilution series were observed every two 

days. At each observation, 1 ml of the lowest dilution with protozoan cells present 

was sampled and a new dilution series set up and incubated. If no cells were present 

in a dilution series, no further work was carried out. Further passages were conducted 

until the protozoa appeared visually similar. Next, 1 ml was sampled from this series 

and inoculated on 9 ml of PP media in a 25 ml vented culture flask (CytoOne), and 

incubated at 20°C. Once protozoa abundances had increased, sub-cultures were 

made by transferring 1 ml of protozoa culture to new 25 ml culture flasks prepped 
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with 9 ml of PP media. Samples were continually maintained by replacing 90% of the 

volume with fresh media every two weeks.  

 

Fig. 5.1 Dilution method to isolate protozoa. Each row was used for a different sample 

and samples were diluted 1:2 with proteose peptone (PP) media, moving from left to 

right across the 24-well plate. Samples were incubated at 20°C, checked for growth 

every 2 days and passaged until cells appeared visually similar.  

5.3.1.2 | Confirmation of a single isolated protozoa strain 

DNA was extracted from 0.5 ml of protozoan cultures using 0.5 ml of 

hexadecyltrimethylammonium bromide (CTAB) extraction buffer and 0.5 ml of 

phenol-chloroform-isoamyl alcohol (25:24:1) (pH 8.0), as outlined by Griffiths et al. 

(2000). Next, the majority of the 18S rRNA gene was amplified using the EukA (5'-

AACCTGGTTGATCCTGCCAGT-3') and EukB (5'-

TGATCCTTCTGCAGGTTCACCTAC-3') universal eukaryotic primer pair (Medlin et 
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al., 1988). DNA was amplified in the reactions outlined in Chapter 2 but with different 

PCR conditions. The conditions for 18S amplification were as follows: initial 

denaturation at 95°C for 3 min, followed by 32 cycles of 95°C for 15s, 56°C for 15s, 

72°C for 30s, and a final extension step at 72°C for 7 min. Next, PCR products were 

purified a second time using a GenElute PCR purification kit (Sigma) and quantified 

on a NanoDrop One (Thermo Scientific). Sanger sequencing was then performed at 

the Eurofins Genomics facility, Ebersberg, Germany.  

5.3.1.3 | Bioinformatics 

Low-quality sequences were trimmed from both the 5’ and 3’ ends and bases with a 

Phred score below 30 were replaced with ambiguous N bases using the software 

package Chromas (v2.6). Sequences were converted to FASTA format and 

compared against the NCBI nucleotide database. Results identified the isolated 

protozoa to genus level as Tetrahymena sp.  

5.3.2 | Experimental setup 

5.3.2.1 | Bacterial and Tetrahymena sp. inocula 

A 50 ml water sample was collected from one mesocosm in April 2019 from the 

University of Essex in Colchester, Essex, UK. The water sample was filtered using a 

syringe 0.7 µm GF filter (Whatman 6825-2527) to exclude protozoan predators. A 

100 µl sample of the filtrate was fixed with 10 µl of Lugol's iodine solution and viewed 

using a light microscope (Olympus BH-2) at 200 x magnification to confirm the 

absence of protozoa and microbial metazoans. The remaining filtrate was inoculated 

on 450 ml of PP media and incubated at 20°C for 48 hours to ensure bacterial 

abundances were high.  

Nine fresh Tetrahymena sp. cultures were set up to a final volume of 15 ml (1.5 ml of 

culture and 13.5 ml of PP media). Three cultures were incubated at each treatment 
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temperature (15°C, 20°C and 25°C) for six weeks to acclimatise Tetrahymena sp. to 

the treatment temperatures. During this six-week acclimation period, media was 

refreshed every two weeks, as previously outlined. 

Prior to setting up the experiment, the Tetrahymena sp. cultures were treated with 1 

ml of 10% antibiotic/antimycotic solution (Sigma-Aldrich) and left for two hours for 

dead bacterial cells to settle to the bottom of the culture flasks. A previous experiment 

had confirmed no negative effects of the antibiotic/antimycotic solution on 

Tetrahymena sp. (see Appendix 3). A 10 ml sample was taken from each of the 

cultures and transferred to a 15 ml falcon tube. The media was washed from the cells 

by centrifuging the falcon tubes at 3000 rpm for 1 min, discarding the supernatant 

and suspending the pellet in 10 ml of sterile milli q water by brief vortexing for 10 s. 

These steps were repeated 3 times with the final suspension in 10 ml of PP media. 

Washing the cells ensured there was little presence of metabolic waste products and 

antibiotic/antimycotic solution at the start of the experiment. Next, samples originating 

from the same incubator were combined in a 50 ml falcon tube (three falcon tubes in 

total, one for each temperature treatment) and briefly vortexed. A 20 µl sample of 

Tetrahymena sp. cells were fixed with Lugol’s iodine and enumerated using a light 

microscope (Olympus BH-2) at 200 x magnification and a hemacytometer counting 

chamber (Bright-Line). Finally, the Tetrahymena sp. inocula were diluted with PP 

media to a final concentration of approximately 6,000 cells ml-1.  

5.3.2.2 | Main experiment 

The main experiment was set up in sixty-three 25 ml vented culture flasks. The 

volume of PP media, bacterial inoculum and Tetrahymena sp. culture added to each 

treatment is detailed in Table. 5.1. Tetrahymena sp. cell densities were approximately 

400 cells ml-1 at the start of the experiment. The experiment flasks were inoculated 

with Tetrahymena sp. cells acclimated to the corresponding temperature treatment.  
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Table 4.1 Details of the experimental setup, including the treatments, incubation 

temperatures and the number of replicates. In addition, the volume of media, bacterial 

inoculum and Tetrahymena sp. culture are also listed. 

Treatment 
Temperature 
(°C) 

Replicates 
PP 
media 
(ml) 

Bacterial 
community 
inoculum 
(ml) 

Tetrahymena 
sp. culture 
(ml) 

Control 

15 3 15 0 0 

20 3 15 0 0 

25 3 15 0 0 

No 
predator 

15 9 14 1 0 

20 9 14 1 0 

25 9 14 1 0 

Predator 

15 9 13 1 1 

20 9 13 1 1 

25 9 13 1 1 

 

5.3.3 | Daily sampling 

The culture flasks were assigned a number 1 – 63 and sampled randomly each day 

in a random order drawn from an online random number generator 

(https://www.random.org/sequences/).  Immediately after setting up the experiment, 

samples were taken for the initial (T0) time point. Subsequent samples were collected 

at the same time each day, for a total of 5 days.  

5.3.3.1 | Bacterial and Tetrahymena sp. abundance 

First, 100 µl was sampled from each flask and transferred to a 96-well polystyrene 

plate (CytoOne). To record bacterial abundance, the optical density of each sample 

was recorded at a wavelength of 600 nm using a POLAR star Omega (BMG 

LABTECH GmbH) plate reader. Next, the same samples were fixed with 10 µl of 

Lugol's iodine and Tetrahymena sp. cells were counted as previously outlined. To 

obtain reliable cell counts when the abundance of cells was low, a Fuchs-Rosenthal 

counting chamber was used for cell densities < 5000 cells ml-1.  

https://www.random.org/sequences/
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5.3.3.2 | Molecular analyses 

A 1.5 ml sample was transferred from each flask to a 2 ml cryovial tube (Nalgene) for 

molecular analyses, and immediately flash frozen using dry ice. Cryovials were then 

moved to a -80°C freezer for long term storage. After sampling was complete, fresh 

PP media was added to the experimental culture flasks to bring the volume back to 

15 ml. DNA was extracted as outlined in section 5.3.1.2. Library preparation was 

performed by following the protocols outlined in Chapter 2 and DNA was sequenced 

on an Illumina Miseq at the NBAF facility in Liverpool, UK. 

5.3.4 | Statistical analyses 

5.3.4.1 | Sequence data 

Bioinformatics analyses were carried out as outlined in the general methods (Chapter 

2). To control for differences in sequence coverage, all samples were rarefied to 

10,000 sequences.   

OTU richness and community dissimilarity were both analysed at the end of the 

experiment (day 5). Species richness was analysed using a two-way ANOVA with 

temperature, treatment and their interaction as explanatory terms. Kruskal-Wallis 

tests were performed to determine whether community dissimilarity differed across 

the six experimental treatments. 

5.3.4.2 | Bacterial and Tetrahymena sp. abundance 

The effects of temperature, treatment and their interaction on bacterial abundance 

were tested using repeated measures ANOVA (rm-ANOVA). Similarly, Tetrahymena 

sp. abundance was also analysed using rm-ANOVA, but with temperature as the sole 

explanatory variable. Data were log-transformed for these analyses to reduce 

heteroscedasticity of error variance.  
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All analyses were conducted in the R statistical language (R Core Team, 2019), using 

the following packages: ‘vegan’ (Oksanen et al., 2019), ‘ggplot2’ (Wickham, 2016), 

‘tidyverse’ (Wickham, 2019) and ‘ggeffects’ (Lüdecke, 2018).  

 

  



Chapter 5 

113 
 

5.4 | Results 

5.4.1 | The effects of temperature and predation on bacterial richness 

At the end of the experiment, bacterial OTU richness was constant across the three 

temperatures in both treatments (Fig. 5.2; post-hoc Tukey; P > 0.05). However, 

across both treatments, temperature had a significant effect on bacterial OTU 

richness (two-way ANOVA; F2,42 = 4.21, P = 0.02), which was driven by the 

differences between the 15°C and 20°C treatments (post-hoc Tukey; P = 0.02). 

Bacterial OTU richness was significantly decreased in the predator treatments (Fig. 

5.2; two-way ANOVA; F1,42, = 87.32, P < 0.001), but number of OTUs lost did not differ 

across temperatures (post-hoc Tukey, P > 0.05). Lastly, there was no significant 

interaction between temperature and treatment (two-way ANOVA; F1,42, = 1.08, P = 

0.35). 

5.4.2 | Does temperature directly affect Tetrahymena sp. abundance? 

Tetrahymena sp. abundance exhibited different trends across time, dependent upon 

the temperature treatment (Fig. 5.3; rm-ANOVA; F2,158 = 22.71, P <0.001). At 15°C, 

the Tetrahymena sp. population had a lag phase twice as long as those observed in 

the 20°C or 25°C treatments (Fig. 5.3). Furthermore, the maximum abundance 

reached by Tetrahymena sp. in the 15°C treatment was the lowest compared to the 

20°C and 25°C treatments. The greatest abundance of Tetrahymena sp. was 

reached in the 25°C treatment, however, the abundances immediately decreased to 

approximately 20,000 cells ml-1, around the maximum abundance observed in the 

20°C treatment (Fig. 5.3).  
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Fig. 5.2 OTU richness of the bacterial community at the end of the experiment (day 

5). Blue boxes indicate the absence of the predator, Tetrahymena sp., and yellow 

boxes indicate treatments with the predator present. 

 

 

 

Fig. 5.3 Abundance of Tetrahymena sp. throughout the experiment at the three 

treatment temperatures. Each point represents the average number of cells (n = 9) 

and error bars represent the standard error of the mean.  
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5.4.3 | The effects of temperature and predation on bacterial abundance 

Optical density at 600 nm (OD600) exhibited similar trends across time, across all 

three temperatures. The increase in OD600 occurred more slowly in the 15°C 

treatment, with and without a predator, indicating slower bacterial growth at this 

temperature (Fig. 5.4). In the no predator treatment, it took four days for the bacterial 

community to reach maximum density (Fig. 5.4). Comparatively, the bacterial 

communities at 20°C and 25°C, with no predator, reached carrying capacity after 

three days (Fig. 5.4). Despite these difference across the three temperature 

treatments, temperature did not have a significant effect on OD600, either as a single 

term or as part of an interaction with treatment (rm-ANOVA; temperature, F1,319 = 

0.26, P = 0.61; temperature x treatment, F1,319 = 0.06, P = 0.81). Bacterial density in 

the predator treatments remained consistently lower than that of the no predator 

treatments (Fig. 5.4; rm-ANOVA; F1,319 = 300.68, P <0.001).  

 

 

Fig. 5.4 Optical density at 600 nm wavelength of the six treatments throughout the 

experiment (5 days). Each point represents the average number of cells (n = 9) and 

error bars represent the standard error of the mean.  
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5.4.4 | The effects of temperature and predation on bacterial community 

composition 

There was a significant difference in community dissimilarity between the six 

experimental treatments (Kruskal-Wallis test; Χ2 = 52.23, df = 5, P <0.001). Bacterial 

community dissimilarity at 25°C, in the absence of a predator, was significantly 

different to the community dissimilarity of the 15°C and 20°C treatments (Fig. 5.5; 

pairwise Wilcox tests, P < 0.001). The presence of a predator increased bacterial 

community dissimilarity (pairwise Wilcox test, P < 0.001). Furthermore, bacterial 

community composition was also more variable across replicates in microcosms with 

predation (Fig. 5.5). 

 

 

Fig. 5.5 Community dissimilarity between the nine replicates of each treatment, at 

the end of the experiment (day 5). Blue boxes indicate the absence of the predator, 

Tetrahymena sp., and yellow boxes indicate treatments with the predator present. 

 

There were a number of genera driving the differences in bacterial community 

composition by the end of the experiment. However, the bacterial communities in all 
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treatments were mostly comprised of Protoeobacteria, therefore, neither temperature 

or predation appeared to affect bacterial community composition at the phylum level. 

Rheinheimera was the most abundant genus in the no predator treatment, followed 

by Pseudomonas, Rhodoferax and Flavobacterium. Conversely, the most abundant 

genus in the predator treatments differed across temperatures, Aeromonas was the 

most abundant in the 15°C and 20°C treatments, while Sphingomonas was the most 

abundant in the 25°C treatment (Fig. 5.6). At the genus level, the predator treatments 

had greater bacterial richness than the no predator treatments, and the highest 

richness was recorded in the 20°C predator treatment (Fig. 5.6). Consistent across 

the three temperatures, there were two genera which were preferentially grazed by 

Tetrahymena sp., Rhodoferax, and Rheinheimera. Additionally, three genera were 

avoided by Tetrahymena sp., Acidovorax, Paucibacter and Serpens (Fig. 5.6).  
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Fig. 5.6 Dot plot of the relative abundance of bacterial genera in each treatment. 

Small dots represent low relative abundance and large dots represent high relative 

abundance. No dots indicate that the genus was not present in the sample. Relative 

abundances were calculated from averaged data across all replicates of a treatment 

for both the start (day 0) and the end (day 5) of the experiment. The different colours 

represent diversity at the phylum level. 
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5.5 | Discussion 

5.5.1 | Temperature does not alter species loss to predation 

This study showed that temperature did not have an effect on bacterial richness either 

in the presence or absence of a predator. This finding is supported by earlier studies 

which also found no effect of warming on bacterial richness (Piggott et al., 2012; 

Antiqueira et al., 2018). However, we found predation had a significant effect on prey 

richness. Previously, OTU richness has been found to positively correlate with 

individual abundances (Pholchan et al., 2013). It is therefore unsurprising that OTU 

richness was lower in the predation treatments as bacterial abundances were also 

greatly reduced in the predation compared to the no predation treatments. 

Furthermore, we found no evidence to support the hypothesis that OTU richness 

would be significantly lower in the 25°C treatment, compared to the 15°C and 20°C 

treatments. Grazing rates in microbial communities have been shown to increase 

with warming as metabolic rates increase, therefore, increasing consumer demands 

for energy (Vaqué et al., 2009). However, by the end of the experiment, OTU richness 

in the predator treatments was similar across all temperatures, despite the fact that 

Tetrahymena sp. abundances exhibited different responses to temperature. It is, 

therefore, possible that species were lost at a faster rate in the 25°C treatment but 

this was not captured through profiling the microbial community at the end of the 

experiment. Even though OTU richness was significantly decreased by the end of the 

experiment in all predator treatments, the number of genera present in the bacterial 

communities was higher in the predator treatments compared with the no predator 

treatments. An increase in richness at the genus-level and a decrease at the species-

level suggests that a few taxa were selectively grazed. Tetrahymena sp. have been 

previously identified as generalist feeders (Weitere et al., 2005). This study, however, 

indicates that Tetrahymena sp. may have selectively fed on a few genera, e.g. 
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Rheinheimera, Rhodoferax and Flavobacterium. Preferences for specific genera 

have not previously been reported for Tetrahymena sp., possibly because feeding 

experiments are usually performed on simplified bacterial communities (e.g. 

Thurman et al., 2010; Dopheide et al., 2011; Seiler et al., 2017). Diverse bacterial 

communities may allow Tetrahymena sp. to preferentially feed on the most energy-

rich prey species, while, simplified bacterial communities may force Tetrahymena sp. 

to feed on all bacteria because feeding on a single prey species would not allow the 

predator to obtain the nutrients required for growth and reproduction (Petchey, 2000). 

Moreover, preferential feeding by Tetrahymena sp. could have alleviated competition 

and predation pressures from other species in the community, resulting in increased 

diversity (Saleem et al., 2012). 

5.5.2 | Indirect effects of temperature alter bacterial community 

composition 

Contrary to the second hypothesis, temperature did not influence bacterial 

community composition in the absence of a predator. However, as predicted 

temperature did have a significant effect on bacterial community composition in the 

presence of Tetrahymena sp. These results indicate that temperature does not 

necessarily have a direct, selective effect on bacterial community composition 

through imposing physiological constraints at the individual or population level. 

Rather, the effects of temperature were indirect via the alteration of biotic interactions 

(Rall et al., 2010). Bacterial community composition in the absence of the predator 

was largely the same across temperatures. However, by the end of the experiment, 

some genera appeared to have been lost from the bacterial communities where 

predators were absent, e.g. Stenotrophomonas, Sphingomonas, Pelomonas and 

Achromobacter. The absence of genera could indicate thermal preferences or 

competitive exclusion as other genera might be better adapted for a given 

temperature (Hardin, 1960). Furthermore, these genera were at low relative 
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abundances in the bacterial communities at the start of the experiment so it is also 

likely they became extinct as a result of stochastic processes (Cassey et al., 2006).  

The main genera driving the differences between the no predator and predator 

treatments were Aeromonas, Sphingomonas, Rheinheimera and Rhodoferax. The 

bacterial communities at the start of the experiment (day 0) and across all 

temperatures of the no predator treatments at the end of the experiment (day 5), were 

dominated by Rheinheimera sp. Several species belonging to the genus 

Rheinheimera (e.g. Rheinheimera aquatica) produce antimicrobial compounds, 

which provide them with a competitive advantage (Wen-Ming et al., 2010). 

Furthermore, a previous study found that Rheinheimera was the most abundant 

genus in the water column of Lake Sayram, suggesting this genus is preferentially 

planktonic (Fang et al., 2017). The predator in this study, Tetrahymena sp. is known 

to efficiently feed on planktonic bacteria because of the strong feeding currents it 

produces (Fenchel, 1987). It is, therefore, unsurprising that Rheinheimera was the 

most heavily grazed genus across all temperatures. Although Tetrahymena sp. are 

better adapted to grazing planktonic cells, they also graze biofilms (Dopheide et al., 

2011). In this study, the relative abundances of Pseudomonas across all 

temperatures were slightly reduced. Pseudomonas are known to form biofilms to 

evade predation (Weitere et al., 2005), thus, they were not as heavily grazed as 

Rheinmeimera. 

Dependent upon the temperature, the genera Aeromonas and Sphingomonas both 

grew extremely well in the presence of the predator. While Aeromonas became 

abundant in the 15°C and 20°C predator treatments, they were completely excluded 

from the 25°C treatment. Rather, Sphingomonas was the most abundant bacterial 

genus at 25°C, found at very low relative abundances at 20°C and completely 

excluded in the 15°C treatment. This finding could be explained by Sphingomonas 

becoming more competitive at the warmest temperature, therefore, outcompeting 
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Aeromonas. Competitive advantages incurred by Sphingomonas at 25°C and 

Aeromonas at 15°C and 20°C could be due to the production of grazing resistant 

morphotypes (Hahn and Höfle, 2001). A study by Liu et al. (2018) found that in the 

presence of Tetrahymena thermophila, Aeromonas hydrophila produced small 

colony variants which were resistant to grazing. The small colony variants reduced 

grazing rates by over 70%, displaying enhanced fitness, biofilm formation and 

adhesion (Liu et al., 2018). Biofilm formation and cell adhesion are known deterrents 

of grazing by Tetrahymena sp. as this genus preferentially grazes on suspended 

bacterial cells (Eisenmann et al., 1998). Similarly, Sphingomonas are typically very 

small (<0.2µm; Foster and Chrzanowski, 2012) and also commonly form biofilms (Min 

and Rickard, 2009).  

Unlike Aeromonas, Sphingomonas is known to grow well in nutrient poor conditions 

(Eguchi et al., 1996; Kersters et al., 1996). The PP media used in the microcosms is 

nutrient rich, however, only 10% of the microcosm volume was replaced each day 

with fresh media. As such, by the final day of the experiment, the majority of nutrients 

provided by the media were likely to have been largely utilised by both the bacterial 

community and the population of Tetrahymena sp. Bacterial abundances across all 

no predator treatments were lower than the observed maximum abundances by the 

end of the experiment, supporting the theory that the availability of nutrients had been 

reduced. A fall in bacterial abundance occurred more rapidly in the 25°C treatment. 

As temperature increases, metabolic and growth rates increase (Brown et al., 2004). 

As such, nutrients in the 25°C microcosms will have been utilised faster to meet the 

increased metabolic demand. The 25°C treatments should, therefore, be more 

nutrient poor by the end of the experiment, followed by the 20°C and 15°C treatments. 

It is unsurprising that Sphingomonas was more dominant in the 25°C treatments as 

it thrives in nutrient poor conditions, outcompeting Aeromonas which is less well 

adapted. 
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Lastly, the increase of Sphingomonas in the 25°C treatment and the increase of 

Aeromonas in the 15°C and 20°C treatments might also reflect a physiological 

constraint of the predator. Atkinson et al. (2003) found that with every 1°C increase 

in temperature, protist cell volume decreased by approximately 2.5%. In comparison, 

bacterial cell volume has been found to reduce by 0.4% per °C of warming (Huete-

stauffer et al., 2016). As a result, warming could lead to species mismatches as 

bacterial prey become too large or too small for the predator to ingest. Thus, the 

increased relative abundance of Sphingomonas and Aeromonas could indicate the 

cells were the wrong size for ingestion by the predator.  

5.5.3 | Limitations and conclusions 

The molecular approaches used in this study are not often implemented in controlled 

microbial experiments (but see Grattepanche et al., 2019). Directly extracting DNA 

from microcosm samples does not allow for the distinction between DNA originating 

from live and dead cells (Nocker and Camper, 2006). Given the fact that temperature 

has been identified as a strong environmental factor structuring microbial 

communities (Zogg et al., 1997), stronger shifts in community composition may have 

been observed in the no predator treatments if DNA was extracted from live cells 

only. This methodological issue, however, is not specific to laboratory experiments. 

Relic DNA in the environment can also be problematic for studies observing microbial 

diversity in natural environments, with one study reporting up to 40% of extracted 

DNA obtained from dead cells, leading to a 55% inflation in richness (Carini et al., 

2016). Although this issue has been recognised, studies throughout the literature 

continue to use the molecular approaches outlined in this study to measure microbial 

responses to environmental variation.     

In this study, we evaluated the effects of temperature on a diverse bacterial 

community in the presence and the absence of a predator, Tetrahymena sp. We 
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found that in both treatments (predator and no predator), temperature played no role 

in determining which species were present in the bacterial community. Additionally, 

we found that the effects of temperature on bacterial community composition were 

driven to the indirect effect of temperature, through alteration of predator-prey 

interactions. Thus, our study highlights the importance of incorporating biotic 

interactions into future microbial climate change studies. Integration of biotic 

interactions into future research will allow us to gain a better understanding of the 

processes governing microbial patterns in the face of global climate change. 
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Chapter 6  

General Discussion 

Global climate change is currently threatening the majority of freshwater ecosystems 

on Earth (Dudgeon et al., 2006). The microorganisms within these freshwaters are 

highly diverse and functionally important (Battin et al., 2016). Despite the threat these 

microorganisms face from global climate change, and in particular climate warming, 

they have been largely neglected in the literature. Therefore, the aim of this thesis 

was to improve our current understanding of the effects climate change has on 

freshwater microbial communities.  

6.1 | Summary of Thesis Findings 

6.1.1 | Chapter 3 Summary 

In Chapter 3, I assessed the effects of long-term warming on natural freshwater 

microbial communities. I profiled the bacterial and micro-eukaryotic communities 

from epilithon and epipsammic biofilms to determine whether the effects of warming 

were consistent between different freshwater microhabitats. To do this, I measured 

the abundance, species richness and community composition of the bacterial and 

micro-eukaryotic communities. Additionally, I collected data to determine how the 

functioning of freshwater microbial communities differed across a thermal gradient. I 

found that the effects of warming on microbial species richness, abundance and 

community composition were inconsistent between microhabitats (epilithon and 

epipsammic biofilms). Temperature negatively impacted epipsammic species 

richness and abundance. However, the epilithon appeared to be greatly buffered from 

these negative effects, with the exception of the phototrophic community. I also found 

that algal responses to warming were not as predicted by previous studies. Rather 

than an increase in algal abundance in the epilithon (e.g. Villanueva et al., 2011), we 
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found a decrease. A previous study by Gudmundsdottir et al. (2011) found that this 

could be a result of a greater abundance of bryophytes in the warm streams, which 

potentially outcompetes the microalgae for essential nutrients. The findings from this 

study, supported by those from Gudmundsdottir et al. (2011) which indicate that novel 

biotic interactions could be important for shaping microbial communities under 

warming conditions. Furthermore, I found microbial communities exposed to warmer 

temperatures could use a greater number of carbon substrates. Chapter 3 highlights 

the need to integrate multiple microhabitats into climate change research as the 

impacts of warming may affect these freshwater microhabitats and their microbial 

communities differently. 

6.1.2 | Chapter 4 Summary 

In Chapter 4, I tested whether the impacts of warming on biofilm formation differed 

across a catchment gradient. I measured bacterial and micro-eukaryotic species 

richness, abundance and community composition from developing biofilm 

communities growing on ceramic tiles. I found that microbial community composition 

was more buffeted from the impacts of warming when the biofilm communities were 

colonised by sediment from impacted catchments. Furthermore, I found warming 

significantly increased the number of species in bacterial communities but it did not 

affect micro-eukaryotic species richness. These findings indicate that bacterial OTU 

richness in developing biofilms is more sensitive to the effects of warming than micro-

eukaryote OTU richness. Overall, I found that catchment impact was a greater 

determinant of species richness, community composition and abundance. This 

indicates that the degree to which the catchment of a stream is impacted is a greater 

anthropogenic stressor upon freshwater microbial communities than warming.   
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6.1.3 | Chapter 5 Summary 

In Chapter 5 I tested the effects of warming on bacterial communities in the presence 

and absence of a protist predator, Tetrahymena sp. I showed that temperature was 

a stronger environmental filter in the presence of a predator. This finding indicates 

that patterns in bacterial community composition arising from warming might not 

necessarily be a result of the direct physiological effects of temperature. Rather, it is 

the indirect effects of temperature on predator-prey interactions that appear to be 

more important in shaping the composition of bacterial communities. Chapter 5, 

therefore, highlights the importance of incorporating species interactions into climate 

warming research.  

6.2 | Main findings 

6.2.1 | Microbial groups vary in their responses to warming 

The impacts of warming on microbial communities are often observed for one 

microbial group at any one time (e.g. bacterial, algae, archaea). For example, the 

majority of studies assessing “microbial” responses to climate change often only 

measure bacterial responses (e.g. DeAngelis et al., 2015). This can be misleading 

and assumes that bacterial responses to warming will be concurrent with the 

responses of other groups of microorganisms. Bacterial and micro-eukaryotic 

communities are rarely studied in tandem, despite the fact they intimately interact in 

their environment (see Chapter 5). By studying bacterial and micro-eukaryotic 

communities within all the data chapters, I have shown that a “one size fits all” 

approach is not appropriate as these groups 1) differ in their response to warming, 

2) the thermal responses of each group influences that of the other. Furthermore, I 

also showed that individual groups within a domain could drive the overall response 

to warming (as evidenced by the phototrophic community in Chapter 3). Therefore, 
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without better resolution of the microbial community responses, we will continue to 

generate poorly fitted models and predictions for future climate scenarios.  

The results from Chapters 3 and 4 showed that microbial groups varied in their 

response to warming. In both studies, bacterial OTU richness in epilithon biofilms 

was found to increase with warming. However, the abundance of bacteria from 

epilithon biofilms in both chapters was not affected by warming. Increases in OTU 

richness are often coupled with higher abundance, as the chance for rare taxa to be 

present in the community increases (Storch et al., 2018). I did not, however, find 

evidence for this. Instead, these results indicate a migration of new bacterial taxa into 

the communities as temperatures increased, while maintaining carrying capacity. As 

discussed in Chapter 3, the source of new taxa was likely from the metacommunity, 

whereas, in Chapter 4, the biofilm communities were assembling on tiles from taxa 

in the sediment and overlying water. These findings suggest that warming could alter 

the processes shaping successional and invasion dynamics of bacterial biofilm 

communities. Ultimately, this could lead to different functioning communities if new 

taxa are functionally diverse from the taxa currently present (Nemergut et al., 2013; 

Romaní et al., 2014).  

In comparison to the bacterial communities, I did not find a positive relationship 

between warming and micro-eukaryotic species richness. Rather, warming had no 

effect on developing micro-eukaryotic biofilm communities, suggesting that warming 

does not affect the processes shaping successional dynamics in micro-eukaryote 

communities like it does for bacterial communities. Even though bacterial species 

richness increased in both the developing and mature biofilms, this may not have led 

to the creation of new niches to support a greater diversity of micro-eukaryotes. In 

mature biofilms, I found micro-eukaryotes had a negative response to warming which 

was driven by the phototrophic community, however, their abundance and biomass 

were unaffected. These results suggest that warming may not affect ecosystem 
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functioning measures (i.e. primary productivity). Loss of phototrophs as a result of 

physiological constraints could, however, cause ‘cascading’ extinctions (Dunne and 

Williams, 2009), particularly if the species lost are highly connected (Dunne et al., 

2002). The loss of many highly connected basal species could destabilise the whole 

food web (Rall et al., 2010), altering carbon flow to higher trophic levels, thus leading 

to the removal of apex predators and shifting the body size spectrum to favour small, 

abundant species (Yvon-Durocher et al., 2011). In the absence of large organisms 

which directly graze on phototrophic biofilm communities, large protozoa and 

microbial metazoans would be the main predators of single cell phototrophs, and as 

I showed in Chapter 5, warming could then lead to increased prey diversity at the 

genus level. Species interactions are extremely important for understanding how 

warming will impact microbial communities and entire freshwater food webs. 

However, this is an under-researched area due to the challenges of measuring 

microbial species interactions under conditions that represent natural communities. 

6.2.2 | What is the best methodological approach to assess the impacts 

of warming on freshwater microbial communities: A question of 

complexity? 

A variety of methodological approaches can be implemented to assess the impacts 

of warming on microbial communities (i.e. field surveys, experiment and theoretical 

models; Stewart et al., 2013). In Chapter 3, I showed that the long-term impacts of 

warming on natural freshwater microbial communities differed between two 

microhabitats. This field survey approach had the benefit of assessing the impacts of 

warming in situ, thus, bridging the gap between space-for-time and mesocosm 

experiments. While natural geothermal systems provide a unique opportunity to 

assess the impacts of warming on complex microbial communities, they are often in 

extremely remote locations that are undisturbed by anthropogenic stressors (e.g. the 

Hengill region in Iceland; see Chapter 3; O’Gorman et al., 2014). Therefore, this study 
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assessed the impacts of warming on “pristine” systems, yet, the majority of 

freshwaters on Earth are impacted by anthropogenic stressors to some degree 

(IPCC, 2014), and those which are not, will likely be affected in the future as the 

human population continues to increase. I address this issue in Chapter 4 where I 

studied the impact of warming on biofilm formation across a nutrient gradient. In 

Chapter 3, I found that both bacterial and micro-eukaryotic communities became 

more dissimilar as pairwise differences in temperature were increased. However, the 

results from Chapter 4 suggest that nutrient enrichment might be a more important 

determinant of bacterial and micro-eukaryotic community composition than warming. 

This nuanced difference in results highlights the need to assess warming in the 

presence of other anthropogenic pressures (as in Chapter 4), as doing so is likely to 

alter the effects of warming.  

The results in Chapter 3 indicated that species interactions might be shaping the algal 

community in epilithon biofilms. However, measuring these interactions in natural 

microbial communities is difficult because they are comprised of hundreds of 

thousands of species (OTUs; Battin et al., 2016), making it near impossible to 

observe specific species interactions. In this case, laboratory experiments are 

arguably the best approach to adopt. Therefore, in Chapter 5, I tested the effects of 

temperature on bacterial community composition in the presence and absence of a 

predator. Microcosm experiments assessing species interactions, typically assemble 

simple bacterial communities (< 10 isolates; e.g. Delaney, 2003; Tabi et al., 2019). I 

built upon this method by using a natural, complex bacterial community with hundreds 

of OTUs present. To profile the bacterial communities at the start and end of the 

experiment, high-throughput sequencing was used. This approach allowed us to 

measure the impact of predation on a complex prey community, thus, maintaining a 

degree of realism. Chapter 5 found that neither bacterial species richness nor 

community composition was altered by warming in the absence of a predator. In 
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contrast to Chapter 3 findings, temperature was only a weak environmental filter in 

the absence of a predator. This finding supports prior research by (Cadotte and 

Tucker, 2017) which emphasised that the effects of temperature on community 

structure might be indirect, by altering species interactions. Findings across all three 

data chapters support calls by past researchers to incorporate a number of 

methodological approaches to assess the effects of anthropogenic pressures (i.e. 

warming; Jackson et al., 2017; Iwasaki et al., 2018).  

6.4 | Future directions 

6.4.1 | The effects of warming on species interactions: Broadening our 

understanding 

The vast majority of microbial predator-prey research has centred around the effects 

of protist grazing on a bacterial community (e.g. Matz and Kjelleberg, 2005; Dopheide 

et al., 2011). Yet, protists are not the only predators of bacteria. Bacteriophage also 

predate on bacteria but this interaction has different consequences for ecosystem 

functioning. Viral lysis is different from protist grazing in that it turns particulate 

organic matter back into dissolved organic matter (Fuhrman, 1999), thus, preventing 

the flow of energy to higher trophic levels. Despite the important role of 

bacteriophages in shaping bacterial communities, we currently lack understanding of 

how this predator-prey interaction will be altered by increases in temperature (but see 

Lara et al., 2013). Changes to the relative importance of both types of predator-prey 

interactions have yet to be assessed in response to warming. A shift towards 

bacteriophage dominated interactions could have large consequences for global 

biogeochemical cycles (Fuhrman, 1999).  

Other species interactions such as mutualism are thought to be important for shaping 

microbial communities (Nemergut et al., 2013). However, we currently lack an 

understanding of how important these interactions are. In the light of global climate 

change, mutualist interactions might be particularly important in determining 
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microbial community responses to warming as mutualism binds species to a common 

fate (Toby Kiers et al., 2010). Therefore, negative impacts of warming could be 

particularly damaging, while positive impacts might stabilise microbial communities. 

Such examples of mutualistic interactions in freshwater microbial communities 

include bacteria adapting the ability to use the waste products of other microbial 

species (Lawrence et al., 2012) and algae acquiring vitamin B12 from bacteria (Croft 

et al., 2005). Additionally, mutualistic relationships are also likely to be important in 

shaping microbial community response to warming. We do not currently know how 

warming might impact these interactions and this could be an area of further 

research.  

6.4.2 | Microbial community responses to warming in the tropics 

The Arctic is expected to experience rates of warming up to three times the predicted 

global average (IPCC, 2014). As such, there has been a lot of research conducted in 

the Arctic and Sub-Arctic aiming to understand how microbial communities will 

respond to these increased rates of warming (Piquet et al., 2010; Vincent, 2010; 

Gudmundsdottir et al., 2011). However, the majority of organisms living at mid to high 

latitudes are not living close to their thermal optimums (the optimum temperature for 

biological processes; Gunderson and Stillman, 2015), thus, warming could actually 

benefit some species. Of greater concern are species which live in the tropics. The 

majority of ectothermic species living close to the equator are currently living at their 

thermal optimums (Deutsch et al., 2008). Therefore, as the Earth continues to warm, 

these species will move past their thermal optimums, leading to the decline of species 

abundance and eventually to extinction unless they are able to acclimate or adapt 

(Angilletta, 2009).  Future climate warming research should prioritise tropical 

freshwater microbial community experiments to determine if these species are likely 

to adapt or perish in the face of increased warming. Extinction of these microbial 
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species could alter energy flows in freshwater microbial food webs, creating knock-

on effects to higher trophic levels. 
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Appendices  

Appendix 1  

A1 
Water 

A2 
α-

Cyclodextrin 

A3 
Dextrin 

A4 
Glycogen 

A5 
Tween 40 

A6 
Tween 80 

A7 
N-Acetyl-D-
galactosami

ne 

A8 
N-Acetyl-D-
glucosamin

e 

A9 
Adonitol 

A10 
L-Arabinose 

A11 
D-Arabitol 

A12 
D-

Cellobiose 

B1 
i-Erythritol 

B2 
D-Fructose 

B3 
L-Fucose 

B4 

D-Galactose 
 

B5 
Gentiobiose 

B6 

α-D-
Glucose 

B7 
m-Inositol 

B8 
α-D-Lactose 

B9 
Lactulose 

B10 
Maltose 

B11 
D-Mannitol 

B12 

D-Mannose 
 

C1 
D-Melibiose 

C2 
β-Methyl-D-
Glucoside 

C3 
D-Psicose 

C4 
D-Raffinose 

C5 
L-

Rhamnose 

C6 
D-Sorbitol 

 

C7 
Sucrose 

C8 
D-Trehalose 

C9 
Turanose 

C10 
Xylitol 

C11 
Methyl 

Pyruvate 

C12 
Mono-
Methyl-

Succinate 

D1 

Acetic Acid 

D2 

Cis-Aconitic 
Acid 

D3 

Citric Acid 
 

D4 

Formic Acid 
 

D5 
D-

Galactonic 
Acid 

D6 
D-

Galacturoni
c Acid 

D7 

D-Gluconic 
Acid 

D8 
D-

Glucosamini
c Acid 

D9 
D-

Glucuronic 
Acid 

D10 

α-Hydroxy 
Butyric Acid 

D11 

β-Hydroxy 
Butyric Acid 

D12 

γ-Hydroxy 
Butyric Acid 

E1 

ρ-Hydroxy 
Phenylaceti

c Acid 

E2 
Itaconic 

Acid 

E3 
α-Keto 

Butyric Acid 

E4 

α-Keto 
Glutaric 

Acid 

E5 
α-Keto 

Valeric Acid 

E6 
D,L-Lactic 
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E7 
Malonic 
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E8 
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E9 
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Sebacic 
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Succinic 
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L-Alanine 

F7 
L-Alanyl-
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Asparagine 
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L-Aspartic 
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Glycerol 
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H11 
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Phosphate 

H12 
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Phosphate 

 

Fig. S3.1 Carbon substrates on the GN2 MicroPlate. Each well contains a unique carbon substrate and one control well (A1).  
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Table S3.1 Characterisation of the 95 GN2 carbon substrates into six biochemical groups (carbohydrates (n = 28), carboxylic acids (26), 

amino acids (n = 20), amines and amides (n =  6), polymers (n = 5) and miscellaneous (n =  10); Zak et al., 1994).  

Substrate Groups 

Carbohydrates Carboxylic Acids Amino Acids Amines and Amides Polymers Miscellaneous 

L-Arabinose Methyl Pyruvate L-Glutamic Acid Succinamic Acid α-Cyclodextrin Bromosuccinic Acid 

D-Arabitol Mono-Methyl-Succinate Glycyl-L-Aspartic Acid Glucuronamide Dextrin Urocanic Acid 

D-Cellobiose Acetic Acid Glycyl-L-Glutamic Acid L-Alaninamide Glycogen D,L,α-Glycerol Phosphate 

N-Acetyl-D-Galactosamine α-Hydroxybutyric Acid D-Alanine Phenyethyl-amine Tween 40 Glucose-1-Phosphate 

N-Acetyl-D-Glucosamine β-Hydroxybutyric Acid L-Alanine Putrescine Tween 80 Glucose-6-Phosphate 

Adonitol γ-Hydroxybutyric Acid L-Alanyl-Glycine 2-Aminoethanol 
 

Inosine 

i-Erythritol Cis-Aconitic Acid L-Asparagine 
  

Uridine 

Maltose Citric Acid L-Aspartic Acid 
  

Thymidine 

D-Mannitol Formic Acid L-Histidine 
  

2,3-Butanediol 

D-Mannose D-Galactonic Acid  L-Threonine 
  

Glycerol 

D-Fructose D-Galacturonic Acid D,L-Carnitine 
   

L-Fucose D-Gluconic Acid γ-Amino Butyric Acid 
   

D-Galactose D-Glucosaminic Acid Hydroxy-L-Proline 
   

Gentiobiose D-Glucuronic Acid L-Leucine 
   

α-D-Glucose ρ-Hydroxy-Phenylacetic Acid L-Ornithine 
   

m-Inositol D-Saccharic Acid L-Phenylalanine 
   

α-D-Lactose Sebacic Acid L-Proline 
   

Lactulose Succinic Acid L-Pyroglutamic Acid 
   

D-Melibiose Itaconic acid D-Serine 
   

Xylitol α-Ketobutyric Acid L-Serine 
   

β-Methyl-D-Glucoside α-Ketoglutaric Acid 
    

D-Psicose α-Ketovaleric Acid 
    

D-Raffinose D,L-Lactic Acid 
    

L-Rhamnose Malonic Acid 
    

D-Sortibol Propionic Acid 
    

Sucrose Quinic Acid 
    

D-Trehalose 
     

Turanose 
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Fig. S3.2 Rarefaction curves obtained from 2016 sediment samples for the 16S rRNA 

gene (top) and the 18S rRNA gene (bottom). Samples were collected from three 

streams within the Hengill region of Iceland. The 16S library was rarefied to 15, 357 

sequence reads, and the 18S library was rarefied to 9,303 sequences. Three 

samples from the 18S library were removed as did not reach asymptote, indicating 

insufficient sequencing effort.  
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Fig. S3.3 Rarefaction curves obtained from 2018 epilithon and epipsammic biofilm 

samples for the 16S rRNA gene (top) and the 18S rRNA gene (bottom). Samples 

were collected from eight streams within the Hengill region of Iceland. The 16S library 

was rarefied to 10,000 sequences, and the 18S library was rarefied to 5,000 

sequence reads. 
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Table S3.2 Pearson correlation coefficients between 2016 and 2018 stream 

temperatures and the 2016 physical-chemical properties of each stream. Values in 

bold indicate a significant correlation with temperature. 

 

 

June/July 
2016 June 2018 

Variable r P r P 

pH 0.2 1 0.26 1 

Conductivity 0.98 0.01 0.99 0.01 

Dissolved 
oxygen -0.94 0.04 -0.89 0.14 

DOC 0.46 1 0.39 1 

NO2
- 0.59 1 0.58 1 

NO3
- -0.08 1 0.09 1 

NH4
+ -0.27 1 -0.24 1 

Total-N 0.35 1 0.37 1 

PO4
3- 0.25 1 0.41 1 

Total-P -0.02 1 0.14 1 

Al3+ -0.1 1 -0.17 1 

Ca2+ 0.97 0.01 0.97 0.01 

Fe -0.07 1 -0.17 1 

K+ 0.95 0.03 0.97 0.01 

Mg2+ 0.85 0.24 0.79 0.55 

Mn2+ -0.04 1 -0.14 1 

Na+ 0.93 0.04 0.97 0.01 

SO4
2- 0.74 0.88 0.64 1 

Si 0.89 0.12 0.84 0.33 

Zn2+ -0.16 1 -0.24 1 

Width 0.33 1 0.27 1 

Depth 0.64 1 0.58 1 
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Fig. S3.4 Relationship between pairwise temperature difference and pairwise 

distance (km) between streams. The dashed line indicates there was no significant 

correlation between distance and pairwise temperature differences.  
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Appendix 2 

 

Fig. S4.1 Rarefaction curves obtained from developing biofilms for the 16S rRNA 

gene (top) and the 18S rRNA gene (bottom). The 16S library was rarefied to 20,000 

sequence reads, and the 18S library was rarefied to 7,000 sequences. 
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Appendix 3 

Preliminary antibiotic/antimycotic experiment 

A preliminary experiment was conducted to determine the optimal concentration of 

antibiotic/antimycotic solution (10,000 units penicillin, 10 mg streptomycin, 25 µg 

amphotericin B per ml; BioReagent, Sigma-Aldrich) for sufficiently suppressing 

bacterial growth, without imposing negative effects on the abundance of 

Tetrahymena sp. To begin, six new cultures of Tetrahymena sp. were set up by 

inoculating 1 ml of the existing culture on 9 ml of PP media. The culture flasks were 

gently shaken and placed back into the 20°C incubator. After 1 week of growth, T0 

measurements of Tetrahymena sp. and bacterial abundance were recorded. A 100 

µl sample of Tetrahymena sp. cells from each replicate flask was sampled and placed 

into a 96-well plate. Tetrahymena sp. samples were fixed with 10 µl of Lugol's iodine 

solution and enumerated using a light microscope (Olympus BH-2) at 200 x 

magnification and a hemocytometer counting chamber (Bright-Line). Bacterial 

abundances were calculated from the colony-forming unit (CFU) counts. To obtain 

CFU counts, samples were diluted (10-1 – 10-5) in sterile Milli Q water and 100 µl was 

spread onto proteose peptone agar (1 g l-1 proteose peptone (Oxoid L85), 15 g l-1 

bacteriological agar (Oxoid L11), 0.02 g l-1 MgSO4·7H2O, 0.02 g l-1 K2HPO4, 0.2 g l-1 

KNO3) and incubated at 20°C for 24 hours, after which the number of CFUs were 

recorded. After collecting the baseline samples, three culture flasks were treated with 

1ml of 5% antibiotic/antimycotic solution while the remaining 3 culture flasks were 

treated with 1 ml of 10% antibiotic/antimycotic solution. All culture flasks were gently 

shaken and incubated at 20°C. After 24 hours the number of Tetrahymena sp. were 

counted and bacterial abundance measured using the methods previously outlined.  
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Does antibiotic/antimycotic solution negatively impact Tetrahymena sp. populations?  

Both concentrations of antibiotic/antimycotic solution fully suppressed bacterial 

growth 24 hours after treatment (Fig. S5.1). Conversely, after 24 hours, neither 

concentration (5% or 10%) of antibiotic/antimycotic solution had an effect on the 

abundance of Tetrahymena sp. (Fig. S5.1; Tukey HSD; P = 1). As such, there was a 

significant interactive effect between the type of culture (bacteria or Tetrahymena sp.) 

and time (ANOVA; F1,20 = 1311.16, P < 0.001). Both concentrations of the 

antibiotic/antimycotic solution successfully killed bacterial cells without affecting the 

abundance of Tetrahymena sp., making either concentration suitable for suppressing 

bacterial growth.   

 

Fig. S5.1 Abundances of bacteria and Tetrahymena sp. before treatment with 

antibiotic/antimycotic solution (10,000 units penicillin, 10 mg streptomycin, 25 µg 

amphotericin B per ml) and 24 hours after treatment. Two different concentrations of 

antibiotic/antimycotic solution were tested. Dark grey indicates treatment with 5% 

antibiotic/antimycotic solution and light grey denotes treatment with 10% 

antibiotic/antimycotic solution. Error bars represent the standard error of the mean.  


